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Abstract

Heart failure (HF) remains a major global health burden despite available therapies,
underscoring the need for novel treatment approaches. Cardiac macrophages play a
critical role in maintaining myocardial homeostasis and they are increasingly
recognized as promising targets for cardiac immunotherapy. This thesis investigated
the causal role of cardiac macrophages in living, long-term cultured human heart tissue

obtained from patients with heart failure with reduced ejection fraction (HFrEF).

Left ventricular (LV) myocardium samples were collected from 12 patients with end-
stage HFrEF undergoing heart transplantation with a mean left ventricular ejection
fraction of 20.8 £ 1.8%. Long-term cultured human LV tissue slices were treated with a
colony-stimulating factor 1 receptor inhibitor (Csf1Ri) to deplete macrophages.

Depletion was confirmed by CD68 immunohistochemistry.

Macrophage depletion led to a significant decline in contractility of human HFrEF
myocardium displayed by a 35.04 £ 6.94% reduction in systolic force amplitude after
10 days of Csf1Ri treatment. Functional analyses of excitation—contraction coupling
using post-rest potentiation suggested impaired sarcoplasmic reticulum (SR) calcium
(Ca?*) handling in macrophage-depleted HFrEF tissue. Ca?' imaging using
epifluorescence microscopy in isolated cardiomyocytes from human HFrEF tissue
slices showed decreased Ca?* transient amplitudes in Csf1Ri treated tissue, while
caffeine measurements confirmed impaired SR Ca?* handling. Mechanistic studies
further indicated that macrophage depletion increased oxidative stress and
cardiomyocyte apoptosis. High-resolution respirometry demonstrated that
macrophage depletion in human HFrEF myocardium caused an impaired
mitochondrial respiration across all respiratory chain complexes. Transmission
electron microscopy revealed a greater proportion of structurally damaged
mitochondria and compromised mitochondrial integrity in macrophage-depleted

human HFrEF tissue slices.

In summary, macrophage depletion in human HFrEF myocardium results in a
significant loss of contractile force, likely driven by altered Ca?* homeostasis, enhanced

cardiomyocyte apoptosis and mitochondrial dysfunction. These findings provide direct
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functional evidence that cardiac macrophages are crucial regulators of myocardial

performance in human HF.

Zusammenfassung

Die Herzinsuffizienz (HI) stellt trotz verfligbarer Therapien nach wie vor eine grol3e
globale Gesundheitsbelastung dar, was die Notwendigkeit neuer Behandlungsansatze
unterstreicht. Kardiale Makrophagen spielen eine entscheidende Rolle bei der
Aufrechterhaltung der myokardialen Homoéostase und werden zunehmend als
vielversprechende Ziele fir die kardiale Immuntherapie anerkannt. In dieser Arbeit
wurde die kausale Rolle von Herzmakrophagen in lebendigem, langzeitkultiviertem
menschlichem Herzgewebe untersucht, das von Patienten mit Herzinsuffizienz mit

reduzierter Ejektionsfraktion (HFrEF) gewonnen wurde.

Linksventrikulare (LV) Myokardproben wurden von 12 Patienten mit Herzinsuffizienz
mit reduzierter Ejektionsfraktion (HFrEF) im Endstadium entnommen, die sich einer
Herztransplantation unterzogen und eine mittlere linksventrikulare Ejektionsfraktion
von 20,8+1,8% aufwiesen. Langzeitkultivierte menschliche LV-Gewebeschnitte
wurden mit einem Kolonie-stimulierenden Faktor-1-Rezeptor-Inhibitor (Csf1Ri)
behandelt, um Makrophagen zu entfernen. Die Depletion wurde anschlieRend durch

CD68-Immunhistochemie bestatigt.

Die Makrophagen-Depletion fUhrte zu einer starken Reduktion der Kontraktilitat im
HFrEF Gewebe, die sich in einer Verringerung der systolischen Kraftamplitude um
35,04 + 6,94 % nach 10 Tagen Csf1Ri-Behandlung zeigte. Funktionsanalysen der
Elektromechanischen Kopplung unter Verwendung der Post-Rest-Potenzierung
deuteten auf eine beeintrachtigte Ca?**-Verarbeitung des sarkoplasmatischen
Retikulum (SR) in Makrophagen-depletiertem Gewebe hin. Ca?*-Bildgebung unter
Verwendung von Epifluoreszenzmikroskopie in isolierten Kardiomyozyten aus
menschlichen HFrEF Gewebeschnitten zeigte verringerte Ca2*-Transientenamplituden
in Csf1Ri-behandeltem Gewebe, wahrend Koffeinmessungen eine beeintrachtigte SR-
Ca**-Verarbeitung bestatigten. Mechanistische Studien zeigten zudem, dass eine
Makrophagen-Depletion den oxidativen Stress und die Apoptose der Kardiomyozyten

erhohte. Hochauflésende Respirometrie zeigte, dass die Makrophagenverarmung im
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menschlichen HFrEF-Myokard eine beeintrachtigte mitochondriale Atmung uber alle
Atmungskettenkomplexe hinweg verursachte. Transmissionselektronenmikroskopie
offenbarte einen hdheren Anteil strukturell geschadigter Mitochondrien und eine
beeintrachtigte mitochondriale Integritat in Makrophagen-depletiertem menschlichen
HFrEF Gewebeschnitten.

Zusammenfassend lasst sich sagen, dass die Makrophagen-Depletion im
menschlichen HFrEF-Myokard zu einem signifikanten Verlust der Kontraktionskraft
fuhrt, der wahrscheinlich durch eine veranderte Ca?*-homdostase, eine verstarkte
Apoptose der Kardiomyozyten und eine mitochondriale Dysfunktion verursacht wird.
Diese Ergebnisse liefern einen direkten funktionellen Beweis daflr, dass kardiale
Makrophagen entscheidende Regulatoren der Myokardleistung bei menschlicher HlI

sind.
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Introduction

1 Introduction

1.1 The human myocardium

1.1.1 Myocardial structure and function

The myocardium, the muscular tissue of the heart, is placed between the endocardium
(inner layer of the heart) and the epicardium (outer layer of the heart). Oxygen and
nutrients essential for the maintenance of the myocardium are delivered through the
coronary arteries located on the epicardial surface of the heart. The myocardial tissue
is composed of several layers of contractile muscle cells known as cardiomyocytes,
which represent a special form of the striated muscle. Unlike skeletal muscle cells,
which typically have multiple peripheral nuclei, cardiomyocytes are generally found
centrally with one or occasionally more cell nuclei [1]. Cardiomyocytes are
interconnected in a network-like manner, forming a functional syncytium. Cells are
thereby structurally connected to each other by intercalated discs (disci intercalares)
containing gap junctions. These junctions enable electrical coupling, allowing
depolarization waves to pass from cell to cell, leading to coordinated, uniform
contractions [2]. In addition to gap junctions, intercalated discs also contain adhesion
contacts and desmosomes, which provide additional stability to the cell structure and
facilitate mechanical force transmission between cells [3]. Depending on its strain, the
myocardium is thinner in the area of the left and right atrium than in the ventricles, while

the left ventricle is stronger than the right ventricle [4].

The cell membrane of cardiomyocytes, known as the sarcolemma, features an
extensive network of highly branched invaginated structures called transverse tubules
(T-tubules), which run perpendicular to the muscle fiber axis. These T-tubules are rich
in ion channels that are crucial for key cellular processes such as excitation-contraction
(EC) coupling, action potential initiation and signal transduction [5]. By extending deep
into the interior of the cell, T-tubulues come into close contact with the terminal
cisternae of the sarcoplasmatic reticulum (SR), forming specialized structures known
as diads. Located at the level of the intercalated discs, these diads play a central role
in EC coupling by positioning voltage-gated L-type calcium channels (LTCCs) in close
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Introduction

proximity to the junctional membrane of the SR, thereby juxtaposing an inlet for the

action potential near a source of calcium (Ca?*) ions [6].

The SR is a membrane-bound organelle structurally similar to the smooth
endoplasmatic reticulum in other cell types. In cardiomyocytes, it forms a segmented
network of tubules around the myofibrils. The primary function of the SR is the storage
and regulated cycling of Ca?* ions, which are predominantly bound to calsequestrin, a
specialized Ca?*-binding protein that greatly enhances the storage capacity of the SR
[7]. During EC coupling in the heart, the SR serves as the main source of cytosolic
Ca?* increase. Released Ca?* ions then bind to troponin C, initiating the contraction of
muscle fibers. Myofibrils, the structural and functional unit of the striated muscle, are
composed of repeating sarcomeres built from the myofilaments actin and myosin.
During contraction, these filaments slide past one another, leading to the shortening of

sarcomeres and thus the entire myofibril, producing mechanical force [8].

1.1.2 Cardiac excitation-contraction coupling

For cardiac muscle contraction an electric excitation is converted into a mechanical
contraction. As mentioned above, this process is described as EC coupling. This
process starts with a cardiac action potential that increases the membrane potential of
cardiomyocytes. In the heart, this electrical activation originates from pacemaker cells
located in the sinoatrial node, which generate spontaneous depolarizations and thus
function autonomously. The electrical impulses are forwarded over the atrioventricular
(AV) node to the His bundle, which divides into left and right bundle branches ultimately
reaching the Purkinje fibers, which ensure a rapid and coordinated ventricular

activation [9].

Depolarization causes the membrane potential to rise from its resting potential,
typically between -60 and -80 mV, toward more positive values. This leads to the
opening of voltage-gated sodium (Na*) channels, causing a rapid influx of Na* ions
that drives the membrane potential quickly towards the Na* equilibrium potential of
approximately +70 mV. The cardiac action potential thereby follows the all-or-none
principle, meaning that the initial stimulus needs to reach a threshold to activate rapid
Na* channels and trigger the action potential. Following this initial depolarization, a
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Introduction

brief efflux of potassium (K*) causes a small repolarization which subsequently opens
voltage-gated LTCC, allowing Ca?* ions to enter the cell. At this stage, the inward flow
of Ca?* is balanced by outward K* currents, forming a characteristic plateau phase
during which the membrane potential remains relatively stable. As the activity of
delayed rectifier K* channels (both slow and rapid types) increases, repolarization

begins, and the membrane potential gradually returns to its resting state (Figure 1) [8].

Na
!
Sarkolemm . ATP NCX .
| Tal

Na -z ¢ &

T-Tubulus

Ny

Figure 1. Electromechanical coupling of the myocardium. This schematic illustrates the membrane
of a cardiomyocyte. The area in blue shows the progression of the action potential over time, alongside
changes in Ca?* levels and muscle contraction. In the process of electromechanical coupling, electrical
stimulation results in Na* influx via voltage-dependent Na* channels. Subsequent depolarization permits
Ca?* entry through L-type calcium channels (LTCC), starting contraction. During diastole, Ca?* is
removed either by reuptake into the sarcoplasmic reticulum via the sarco/endoplasmic reticulum Ca?*-
ATPase (SERCA) or by extrusion from the cell through the Na*/Ca?* exchanger (NCX), thereby
facilitating relaxation. This description was modified from [8].

The opening of voltage-gated L-type Ca?* channels during the plateau phase of the
action potential leads to an increase in intracellular Ca?* concentration. Ca?* ions
thereby bind to cardiac ryanodine receptors type 2 (RyR2) located on the SR, triggering
their opening and causing a further release of Ca?* from the SR, a process known as
Ca?* induced Ca?* release. This increase in cytosolic Ca?* initiates the conversion of

the chemical signal into mechanical contraction due to binding of cytosolic Ca?* to
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troponin C, inducing a conformational change in the troponin-tropomyosin complex.
This uncovers the actin-myosin binding site and allows the myosin head to bind to the
actin filament. Myosin heads then attach to actin filaments and consequently, through
adenosine triphosphate (ATP) hydrolysis, pull the actin flament toward the center of
the sarcomere, resulting in cardiac muscle contraction [10, 11]. The amount of Ca?*
that is released into the cytosol proportionally determines the magnitude of the

contraction.

Cardiomyocyte relaxation, marking the onset of diastole, is regulated by several
transport proteins, responsible to catalyze a decrease of the cytosolic Ca?*
concentration. The sarco/endoplasmic reticulum Ca?*-ATPase (SERCA) plays a
central role by actively transporting Ca?* back into the SR, under energy consumption
and against its electrochemical gradient. The reuptake leads to a decrease in cytosolic
Ca?* levels, causing a dissociation of Ca?* from troponin C and thereby initiating
muscle relaxation [12]. Another key mechanism regulating diastole is the Na*/Ca**
exchanger (NCX), which extrudes 1 Ca?* ion from the cytosol in exchange for 3 Na*,
thereby contributing substantially to the final reduction of intracellular Ca?* levels [13].

The extent of the decline in cytosolic Ca?* determines the diastolic stiffness.

1.1.2.1 Calcium/calmodulin-dependent kinase Il and its role in EC coupling

Calcium/calmodulin-dependent kinase |l (CaMKIl) is a serine/threonine kinase that is
ubiquitously expressed and participates in diverse signaling pathways. In
cardiomyocytes, it is activated by Ca?* ions, thereby playing an important role in EC
coupling processes such as the maintenance of Ca?* homeostasis and facilitating Ca?*
reuptake [14]. Structurally, CaMKII consists of two stacked hexameric rings, with each
subunit comprising an N-terminal domain responsible for kinase activity as well as a
C-terminal association domain mediating oligomerization. An auto-regulatory region,
which contains the Ca?*/CaM-binding site, governs the enzyme activation through
Ca?*/CaM-binding as well as by auto-phosphorylation [15]. In the basal state, the
regulatory domain sterically inhibits the catalytic domain, suppressing kinase activity.
Upon Ca?*/CaM binding, a conformational change occurs that relieves this auto-

inhibitory effect and activates the enzyme [16, 17]. Previous studies have identified
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additional Ca?*/CaM-independent mechanisms of CaMKII activation involving post-
translational modifications within the regulatory domain [18-20]. In particular, oxidation
of two methionine residues (MET281/282) by reactive oxygen species induces a
conformational change that renders CaMKII activity in a Ca?*-autonomous manner
under pro-oxidant conditions [18]. The resulting dysregulated and excessive CaMKI|
signaling profoundly disrupts Ca?* handling and EC coupling properties. This was
confirmed in mouse models where cardiac-specific CaMKIl overactivation led to
cardiomyopathy combined with frequent arrhythmia while CaMKII inhibition reduced
susceptibility to ventricular arrhythmia [18, 21]. These findings underscore the
important role of CaMKIIl in maintaining proper EC coupling while highlighting its

contribution to the pathophysiology in heart diseases due to cardiac remodeling.

1.1.2.2 Ryanodine-receptor 2 and its role in EC coupling

The ryanodine receptor 2 (RyR2) is a ligand-gated Ca?* channel predominantly
expressed in cardiac muscle, where it plays a central role in EC coupling processes
due to the triggering of Ca?* induced Ca?* release. With a molecular weight of
approximately 2.2 MDa, RyR2 is the largest ion channel structure identified to date
[22]. As described in chapter 1.1.2, RyR2 mediates the release of Ca?* stored in the
SR in response to cytosolic Ca?* binding, thereby increasing its open probability and

triggering Ca?* release.

RyR2 function is modulated by a variety of interacting proteins and is tightly regulated
at the post-translational level through phosphorylation due to interaction with the
cellular kinases protein kinase A (PKA) and CaMKIIl. The phosphorylation of all four
RyR2 subunits by CaMKIl enhances Ca?* release from the SR, while PKA-dependent
phosphorylation similarly elevates the open probability in response to B-adrenergic
stimulation. This kinase-driven activation is counterbalanced by dephosphorylation via
protein phosphatase 1 (PP1) and protein phosphatase 2a (PP2a), establishing a

dynamic equilibrium that allows precise control of RyR2 channel activity [23, 24].

Dysregulated RyR2 function due to hyperphosphorylation, often caused by increased
CaMKII activation under pro-oxidant conditions, is often characterized by “leaky” RyR2

channels and consequent impaired intracellular Ca?* homeostasis. Hereby, reduction
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of Ca?*ions in the SR due to the RyR2 induced Ca?* leak leads to a diminished systolic
Ca?* release, limiting contractile function. The concurrent elevation of diastolic Ca?*
can trigger an NCX-mediated inward current depolarizing the cardiomyocyte
membrane, as well as bind to myofilaments consequently increasing diastolic tension
[25]. Dysregulated RyR2 function is therefore a major contributor to cardiac
pathologies such as heart failure, as Ca?* imbalances not only weaken contractile
function but also promote arrhythmogenic events [26, 27]. Precise RyR2 regulation is

therefore essential for maintaining cardiac performance.

1.1.3 Force-Frequency-Relationship

The human myocardium possesses several intrinsic mechanisms that support the
rapid adjustment of cardiac contractile function in response to sudden changes in
physiological demands, e.g. during physical exertion or stress. One important
mechanism is the force-frequency relationship (FFR), which describes the ability of the
heart to enhance myocardial contractility and isometric force proportionally with
increasing heart rates. This is especially relevant as elevated heart rates shorten the
diastolic filling time, leading to reduced stroke volume and consequently to decreased

cardiac output. An increase in contractility therefore ensures adequate perfusion.

In the healthy human heart, this compensatory mechanism displays in a positive force-
frequency relationship [28]. While the cellular mechanisms underlying the frequency-
dependent modulation of contractility remains incompletely understood, evidence
suggests that higher stimulation frequencies concomitantly enhance action potential
frequencies, leading to increased cytosolic Ca?* concentrations. This, in turn, promotes
Ca?*induced Ca®* release from the SR, resulting in greater [Ca?*]i transients and

thereby amplifying contractile force [29-31].

In contrast to the non-failing heart, a frequency-dependent potentiation of contractile
force is typically absent in failing human hearts [32]. Instead, increasing stimulation
frequencies often lead to a progressive decline in isometric tension development,
indicating a negative force-frequency relationship. This impairment is primarily
attributed to abnormal Ca?* handling and consequent disrupted EC coupling at the level

of the SR, particularly involving a reduction in SERCA activity and expression [28, 33].
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The decreased SERCA levels in failing myocardium are thought to result from
transcriptional downregulation, post-translational modifications, and chronic
neurohumoral activation, which collectively reduce the protein’s abundance and
functional capacity to sequester Ca?* into the SR, thereby impairing relaxation and
systolic Ca?* availability [34, 35].

Overall, the FFR serves as a valuable experimental parameter for evaluating
contractile properties of cardiac tissue under varying stimulation frequencies and

provides insights into the functional integrity of myocardial Ca?* cycling.

1.1.4 Post-Rest-Potentiation

The post-rest contractile behavior of human myocardium provides valuable insights
into the basic cellular mechanisms regulating cardiac muscle contraction. It reflects
key processes such as transmembrane Ca?* influx and Na*/Ca?* exchange and allows
for the indirect assessment of the SR capacity to store and release Ca?* [36]. The
phenomenon of post-rest potentiation (PRP) occurs from the accumulation of Ca?*
within the SR during a pause in stimulation, which is driven by altered NCX dynamics
that reduce Ca?* extrusion while SERCA-dependent SR loading is enhanced [37].
Upon stimulation resumption, the accumulated Ca?* results in a stronger contractile

response with greater force amplitudes in human myocardium.

Previous studies demonstrated that SR Ca?* accumulation and release capacity are
impaired in failing hearts, leading to disrupted post-rest behavior and diminished
contractile force [28, 38]. Hereby, a diminished SR Ca?* uptake, likely due to decreased
SERCA expression often found in HF, correlated with impaired PRP since less Ca?*
could be sequestered during rest intervals [33, 38, 39]. Given the central role of the SR
in EC coupling, PRP serves as a valuable functional parameter to evaluate SR Ca?*

handling and its contribution to contractile dysfunction.
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1.2 Pathophysiology of Heart Failure

1.2.1 Definition and classification of heart failure

Heart failure (HF) is a clinical syndrome defined as the inability of the heart to
sufficiently supply blood to meet the metabolic demands of the body. It occurs as the
final common pathway of various structural or functional cardiac disorders and still is
associated with high morbidity and mortality rates. HF manifests with a variety of
symptoms that reflect systemic and pulmonary congestion as well as impaired tissue

perfusion, including dyspnea, edema and fatigue [40, 41].

Since HF is mainly characterized by impaired ventricular filling or ejection of blood, its
classification is based on left ventricular ejection fraction (LVEF) into three categories:
HF with reduced ejection fraction (HFrEF, LVEF <40%), HF with preserved ejection
fraction (HFpEF, LVEF 250%) and HF with mildly reduced ejection fraction (HFmrEF,
LVEF 40-49%) [41].

The diagnosis of HF is based on a combination of clinical evaluation, imaging, and
biomarkers. Hereby, echocardiography is used to assess cardiac structure and
function, consequently classifying the stage of HF based on the LVEF, while
measurements of natriuretic peptides (e.g. NT-pro-BNP) and the assessment of

symptoms in patients provide additional diagnostic information [41].

1.2.2 Current therapeutic approaches and remaining challenges

The treatment of heart failure is multifaceted and mainly aims to alleviate symptoms,
prolong survival and improve the quality of life. Treatment strategies thereby orientate
on the type and severity of HF. In patients with HFrEF, guideline-directed therapies
involve medical intervention based on angiotensin receptor-neprilysin inhibitors (ARN:i),
beta-blockers, mineralocorticoid receptor antagonists (MRA) as well as sodium-
glucose cotransporter-2 inhibitors (SGLT2i), which improved mortality [42]. In
advanced cases, additional device therapy or even heart transplantation needs to be

considered.
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While current therapies are mainly directed toward neurohormonal modulation and
hemodynamic support to enhance heart function, many patients continue to
experience disease progression [43]. This highlights the need for a deeper
understanding of the molecular and cellular mechanisms underlying the
pathophysiology of HF, which is essential for the development of more effective and
targeted therapies. Recent studies increasingly recognized the role of inflammation
and immune cells in the pathophysiology of HFrEF, encouraging research into cardio-
immunotherapies as potential novel therapeutic options [44-46]. However, despite the
growing interest in immunomodulation, experimental interventions targeting immune
cells in living human heart tissue have not been feasible yet as long-term culture of
human myocardium in suitable in vitro systems is technically challenging. Therefore,

further comprehensive research is essential to overcome this limitation.

1.3 Mitochondria

1.3.1 Mitochondrial function and oxidative phosphorylation

Since cardiomyocytes are highly specialized cells with very limited turnover capacity,
they are particularly reliant on stable intracellular homeostasis and energy production
to meet the heart’s intense metabolic and mechanical demands and sustain contractile
performance [47, 48]. Mitochondria are the primary source of energy in cardiomyocytes
and occupy roughly one-third of the cellular volume [49, 50]. They generate ATP by
harnessing energy released by oxidation of glucose and other substrates. Beyond their
role in energy production, mitochondria further play essential roles in diverse cellular
processes, including Ca?* signaling, regulation of electrolyte homeostasis and

apoptosis [51, 52].

Mitochondria are originally thought to have evolved over a billion years ago from
symbiotic eubacterial ancestors that invaded early eukaryotic cells, and as a remnant,
they kept their own genome (mtDNA) which still exhibits clear bacterial features [53,
54]. Structurally, mitochondria comprise an inner and outer phospholipid membrane,
which define and separate two aqueous compartments: the intermembrane space and
the mitochondrial matrix. While the outer mitochondrial membrane forms a boundary
between the organelle and the cytosol, the inner membrane folds inward into cristae
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that extend into and define the mitochondrial matrix. The inner mitochondrial
membrane thereby contains the five enzyme complexes of the oxidative
phosphorylation system (Figure 2), which catalyze sequential redox reactions that
drive proton translocation across the membrane, consequently generating the

electrochemical gradient required for ATP production [55, 56].

The process of oxidative phosphorylation starts with carbon substrates that enter the
tricarboxylic acid cycle located in the mitochondrial matrix, where their oxidation
produces NADH and FADH2. These reducing equivalents provide electrons into the
respiratory chain through Complex | (NADH dehydrogenase) and Complex |l
(succinate dehydrogenase), respectively. Electrons then converge at the naturally
occurring coenzyme ubiquinone, continue through Complex Il (ubiquinol-cytochrome
c reductase) and are transferred by cytochrome c¢ to Complex IV (cytochrome c
oxidase), where oxygen is reduced to water. During this electron transfer, Complexes
[, Il and IV translocate protons into the intermembrane space via coupled redox
reactions, thereby establishing an electrochemical gradient. In a last step, Complex V
(ATP synthase) uses the proton-motion force generated by the gradient to drive the
phosphorylation of adenosine diphosphate (ADP) to ATP [51, 57].
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Figure 2. Mitochondrial electron transport chain and oxidative phosphorylation. Depicted are the
five respiratory chain complexes located in the inner mitochondrial membrane. These complexes
comprise complex | (NADH dehydrogenase; Cl), complex Il (succinate dehydrogenase; Cll), complex
Il (ubiquinol-cytochrome c reductase; ClIl), complex IV (cytochrome ¢ oxidase; CIV) and complex V
(ATP synthase; CV). Electron transfer from NADH and FADH:2 to molecular oxygen is mediated by
complexes I-1V, a process coupled to proton translocation from the matrix to the intermembrane space.
The resulting proton gradient drives ATP synthesis by CV. Modified from [58].
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1.3.2 Mitochondrial quality control

The mitochondrial respiratory chain is crucial for the cellular homeostasis. It
furthermore is the primary site of oxygen free radical generation, serving as both a
source and a target of oxidative stress-induced damage, positioning mitochondria as
essential contributors in cardiomyocyte health and disease [59, 60]. Robust
mitochondrial quality control systems are therefore essential for maintaining stability

and integrity of mitochondrial structure and function.

One important quality control mechanism involves the selective elimination of
unrepairable damaged mtDNA by mitophagy pathways. Hereby, damaged mtDNA is
segregated into mitochondria with low membrane potential during fission processes.
These mitochondria are consequently recognized by mitophagy-related proteins
(PINK1/Parkin pathway), selectively sequestered into autophagosomes and ultimately
delivered to lysosomes for degradation [61, 62]. This process occurs under baseline
conditions and is further activated in response to cellular stress [63-65]. Several studies
reported that the impairment of these mechanisms results in adverse effects that can

lead to contractile dysfunction [63, 66, 67].

Mitochondrial quality control mechanisms are essential in the heart. Thus, the
maintenance of robust mitochondrial quality control is important for preserving

cardiomyocyte function and overall cardiac health.

1.3.3 Mitochondrial dysfunction and ROS generation in heart failure

When mitochondrial quality control mechanisms fail, dysfunctional mitochondria
accumulate within cardiomyocytes, resulting in impaired bioenergetics such as
decreased oxygen availability, substrate oxidation and mitochondrial ATP production.
This energy deficit does not only compromise contractile efficiency but also promotes
adverse cardiac remodeling and cell death, contributing to the pathogenesis of heart
failure [68].

Oxidative stress is considered a key factor driving cardiac remodeling in response to
stress, as accumulated dysfunctional mitochondria are more susceptible to oxidative

injury. While ROS signaling under physiological conditions regulates heart
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development and cardiomyocyte maturation, pathological conditions lead to excessive
ROS generation, which can directly damage mitochondrial proteins, aggravate
mitochondrial dysfunction and further amplify myocardial impairment [68, 69]. The
generation of ROS in the context of HF has been associated with persistent
neurohormonal activation as well as increased myocardial stress due to pressure
overload or hypoxic conditions [70, 71]. Furthermore, as mentioned in chapter 1.1.2.1,
ROS can alter the Ca?* homeostasis of cardiomyocytes due to activated CaMKII and
hyperphosphorylation of RyR2 leading to SR Ca?' leak, reinforcing contractile
dysfunction in HF [18, 72].

The adverse effects of excessive ROS production in the context of HF highlight the
importance of maintaining intracellular redox homeostasis and mitochondrial health to
allow physiological ROS signaling while preventing the activation of pathological ROS

signaling pathways.

1.4 Immune cells in cardiac health and disease

1.4.1 Cardiac immune cell populations

The healthy human heart consists of a heterogeneous population of cells, also
containing a wide range of non-myocyte cells that far surpass cardiomyocytes in
abundance. About 10% of non-myocytes are immune cells, with all leukocyte classes,
including monocytes, lymphocytes (such as B- and T-cells) and granulocytes
(neutrophils, eosinophils and basophils) present in frequencies that outweigh those in
skeletal muscle [73, 74]. Cardiac immune cells are hereby commonly categorized
based on their tissue residency or their recruitment during inflammatory responses and

vary based on specific functions and expression profiles [75].
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Figure 3. Cellular composition of the human heart and diversity of cardiac immune cells.
Schematic illustration of the cellular composition of the LV in the healthy heart. Cardiomyocytes
(=49.2%) represent the major population, followed by pericytes and other mesenchymal cells (=21.2%),
fibroblasts (=15.5%), endothelial cells (=7.8%) and immune cells (=6%). Cardiac macrophages hereby
represent the predominant population of cardiac immune cells, making up approximately half of the total
immune cells. Modified from [76, 77].

In the healthy heart, cardiac immune cells contribute to immunosurveillance by
safeguarding against pathogens, toxic insults, hypoxic stress, and other forms of injury.
However, immune cells in the heart fulfill a wide range of functions also beyond
immune regulation. A key role is their participation in tissue repair and regeneration.
This reparative capacity is especially prominent during heart development with
neonatal hearts being able to fully regenerate, a function that is lost after the first few
weeks of live [78, 79]. Further homeostatic roles are described in chapter 1.5.2. During
myocardial aging, the composition and function of immune cell populations change
significantly, and emerging evidence shows that autoimmune mechanisms may

underscore these age-related shifts [73].

Cardiac immune cells do not only play important roles in the healthy heart but are also

increasingly recognized as an essential contributor to disease state. Hereby, it has
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been identified that cardiac immune cells dynamically change in transcriptional profile

and physiological functions, thereby affecting disease progression [75, 80].

1.4.2 Expansion and activation of immune cells in heart failure

Immune cells play a complex and multifaceted role in HF and increasing evidence
suggests that immunoinflammatory activation due to hemodynamic impairment can
have an active part in disease progression [81, 82]. Initially, resident and infiltrating
cardiac immune cells elicit an acute immune response by activating inflammatory and
reparative pathways in order to counteract the hemodynamic stress and restore tissue
function [83]. While immune cells are essential key players of cardiac healing,
dysregulated or unresolved immune responses can aggravate tissue damage and
trigger maladaptive remodeling [84]. In chronic HF, while limited inflammation may
support short-term repair, it ultimately evolves into a persistent state that drives chronic

inflammation and contributes to the progression of HF [85].

During pathological processes such as HF, danger-associated molecular patterns
(DAMPs) are released and act as a key trigger for immune cell infiltration and
activation. Consequently, innate immune cells like neutrophils, monocytes and
macrophages not only proliferate locally but are also recruited from circulation due to
elevated cytokine (such as TNF-q, IL-1 and IL-6) and chemokine levels [86, 87]. During
this process, immune cells were demonstrated to undergo metabolic and phenotypic
reprogramming toward pro-inflammatory states, also changing their distribution,
polarization, and subtypes in the heart [88, 89]. Adaptive immune cells, such as CD4"
and CD8" T lymphocytes, also expand and become activated, perpetuating the
inflammatory response by secretion of cytokines and thereby sustaining disease

progression [90].

Current clinical approaches targeting inflammation in cardiac disease have shown
limited efficacy so far [91]. Since extensive anti-inflammatory interventions may entail
adverse effects, future therapeutic approaches should focus on adjusting the balance
between pro-inflammatory and reparative immune cell subsets to support effective
healing.
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1.5 Cardiac Macrophages

The predominant population of cardiac leukocytes is represented by macrophages (40-
60%), which possess distinct ontogenies and a wide range of functions [92, 93]. While
resident macrophages contribute to cardiac homeostasis, including electrical
conduction and tissue repair, non-resident, monocyte-derived macrophages are
primarily linked to inflammation, fibrosis and maladaptive remodeling of the heart [94-
96]. Cardiac macrophages are widely distributed throughout the myocardium, where
they form a dense and highly interconnected network. In the human heart, they account
for 5% of all non-cardiomyocyte cells, with approximately five macrophages closely
interacting with each individual cardiomyocyte [97, 98]. The crosstalk of macrophages
and cardiomyocytes is thereby facilitated by direct membrane contacts and gap
junctions, as well as by the exchange of signaling molecules such as cytokines [99-
101].

1.5.1 Developmental origin and subtypes of cardiac macrophages

Cardiac macrophages consist of subtypes with distinct developmental origins.
Resident macrophages originate from embryonic yolk sac hematopoiesis, seed the
heart during embryonic development and are maintained locally by self-replication
[102, 103]. In contrast to resident macrophages, monocyte-derived macrophages arise
from definitive hematopoietic stem cells in the bone marrow and spleen and are

recruited to the heart during injury or stress via classical monocyte intermediates [96].

The classification of cardiac macrophages into different subsets is mainly determined
by their cell-surface expression. While all macrophages universally express CD45,
CD68, CD11b, CD64, and MERTK, they mainly differ in terms of their expression of C-
C Motif Chemokine Receptor 2 (CCR2). Cardiac resident macrophages can typically
be identified by a shared set of surface markers including TIMD4, LYVE1, and FOLRZ2,
while lacking the cell surface expression of CCR2 (CCR27). In contrast, classical
monocytes and most monocyte-derived macrophages are generally marked by the
expression of CCR2 (CCR2*), while lacking TIMD4, LYVE1, and FOLR2 [75, 94, 96,
103].
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Figure 4. Distinct phenotypes and functions of monocyte-derived vs. resident macrophages.
Schematic illustration of cardiac resident and monocyte-derived (recruited) macrophages and their
distinct surface marker profiles and different functions. Markers shown in bold represent those that differ
between the two macrophage subtypes. Not all known markers are depicted. Resident macrophages
(right) are characterized by anti-inflammatory and tissue-reparative properties, while monocyte-derived
macrophages (left) display proinflammatory and tissue-damaging functions. Created in
https://BioRender.com.

Macrophage characterization studies have revealed that the neonatal heart is
predominantly populated by embryonically derived cardiac macrophages, displaying a
remarkable ability to recover cardiac function while eliciting minimal inflammation [78,
104]. During aging, the proportion of embryonically derived resident macrophages
declines, while monocyte-derived macrophages accumulate. This process occurs
likely due to increased low-grade inflammation and tissue stress, which is
consequently accompanied by alterations in surface marker expression such as CCR2
levels, reflecting a more pro-inflammatory phenotype [105-107]. As a result, the aged
myocardium contains a higher density of recruited macrophages, which may contribute

-39 -


https://biorender.com/

Introduction

to impaired tissue homeostasis and increased susceptibility to maladaptive remodeling
and HF [108, 109].

1.5.2 Homeostatic roles of cardiac macrophages

Recent findings underscore the critical function of cardiac resident macrophages in
maintaining myocardial health, not only by mediating immune responses but also by

navigating cardiac homeostasis through various mechanisms [99, 100, 110, 111].

A key function of cardiac macrophages is their role in tissue repair in neonatal hearts,
which they facilitate by promoting cardiomyocyte proliferation and angiogenesis via
secretion of growth factors such as IGF-1 and VEGF [79]. This process is primarily
orchestrated by resident CCR2- macrophages, although recruited CCR2*
macrophages can undergo phenotypic shifts from pro-inflammatory to reparative
states that help limit tissue damage and support regeneration [76, 112]. In adult hearts,
while proliferation of cardiomyocytes is extremely limited, cardiac resident
macrophages still contribute to tissue repair by modulating inflammation, promoting
angiogenesis and clearing cell debris via phagocytosis [79, 113]. They were
furthermore shown to regulate fibroblast activation and extracellular matrix remodeling

to ensure balanced scar formation and mitigate the risk of pathological fibrosis [114].

It has furthermore been demonstrated that cardiac resident macrophages facilitate
electrical conduction via direct electrical connections with cardiomyocytes in the distal
AV node, utilizing Cx43-containing gap junctions. Electronic coupling between
cardiomyocytes and macrophages depolarizes resting cardiomyocytes and shortens
their action potentials, permitting faster conduction rates. A macrophage-specific
knockout of Cx43 in mice resulted in impaired AV node conduction, underscoring the

critical role of macrophages in maintaining proper cardiac conduction [99].

Several studies have also demonstrated that cardiac macrophages enhance
cardiomyocyte contractility, whereas a loss of macrophages led to structural alterations
and impaired mechanical performance [113, 115, 116]. In an IPSC-derived human
engineered cardiac tissue model, the presence of resident macrophages significantly

increased active force generation and overall contractile function compared to
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macrophage-depleted tissues, likely through stimulation of the (3-adrenergic signaling
pathway [116].

Only recently, a novel function of cardiac macrophages was discovered. It involves the
clearance of damaged mitochondria from cardiomyocytes via subcellular vesicles into
the extracellular space, where resident macrophages subsequently uptake and
degrade them through phagocytosis [101, 117]. This mitochondrial clearance
mechanism provides new insight into mitochondrial quality control, which was
previously considered to depend mainly on intracellular pathways [118, 119]. The
significance of this mechanism is demonstrated by murine studies indicating that
cardiac macrophage depletion leads to the accumulation of dysfunctional
mitochondria, activation of inflammasomes, disruption of autophagy, and subsequent

metabolic impairment [101, 120].

All these findings provide an enhanced perspective on cardiac resident macrophages
as vital regulators of cardiac homeostasis, extending their function beyond traditional
immune surveillance. Given that disruptions in these interactions can drive
maladaptive remodeling, it furthermore highlights their role as mediators in cardiac

health and disease.

1.5.3 Pathological roles of cardiac macrophages in heart failure

During cardiac diseases such as HF, macrophages undergo several alterations that
can contribute to disease progression. Under pathological stress, macrophage
frequencies expand, and resident macrophage populations are supplemented and
gradually replaced with infiltrated monocyte-derived macrophages. This expansion in
macrophage population may promote a shift from anti-inflammatory, reparative
macrophages to pro-inflammatory subsets, creating a sustained inflammatory milieu

and driving maladaptive tissue remodeling [94, 95, 121].

Recent studies demonstrated that HFrEF enhances bone marrow myelopoiesis,
thereby expanding the systemic pool of innate immune cells [121]. Moreover, recruited
monocyte-derived CCR2* macrophages have been identified as key regulators of
myocardial inflammation and contributors to HF progression [94, 113, 121]. In

advanced HF patients, higher CCR2* macrophage abundance thereby correlated with
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more severe adverse remodeling [94]. In contrast, depletion of anti-inflammatory
resident CCR2- macrophages, cells that are commonly replaced by infiltrating
monocyte-derived macrophages in HF pathology, accelerated mortality and disrupted
ventricular remodeling, undermining the adaptive structural responses needed to
maintain cardiac output as contractile function declines, thereby exacerbating HF
[113].

Cardiac fibrosis commonly arises as a consequence of chronic myocardial injury and
is defined by the accumulation of extracellular matrix (ECM) proteins within the cardiac
interstitium to replace necrotic cells. Hereby, the extent of fibrotic remodeling is closely
related to adverse outcomes [122, 123]. Macrophages and fibroblasts communicate
via intercellular mediators, mutually influencing each other’'s quantity, distribution,
phenotype and function. During cardiac repair, recruited macrophages secrete pro-
fibrotic mediators such as TGF-(3, IL-18 and PDGF which directly trigger fibroblast
activation, proliferation, and their differentiation to myofibroblasts [124]. This process
contributes to increased wall thickness, impairs both systolic and diastolic function, and

ultimately compromises overall cardiac performance.

Together, these maladaptive processes establish a vicious cycle of inflammation,
fibrosis and contractile dysfunction while highlighting the important role of cardiac

macrophages in the progression of HF.

1.5.4 Cardiac macrophages as immunotherapeutic targets

The pivotal role of macrophages in cardiac physiology and pathology establishes them
as a potential target for cardiac immunotherapy [46]. Specifically in HF, modulating
immune-cardiomyocyte interactions may offer a novel therapeutic approach to
enhance myocardial function [94, 101]. However, targeting cardiac macrophages faces
several important challenges. A major limitation is the vast heterogeneity of
macrophage subsets in the heart, possessing distinct and even opposing functions [94,
121]. During the progression of chronic HF, macrophage phenotypes may even
become more variable, as some recruited macrophages can alter their transcriptional
characteristics and function over time [96, 125]. Although macrophages are often

viewed primarily as pro-inflammatory targets in therapeutic interventions, broad
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suppression of their activity without considering their essential physiological and
homeostatic roles could negatively affect important functions, including debris

clearance, angiogenesis and electrical conduction [99, 101].

Another major challenge in targeting cardiac macrophages for immunotherapeutic
interventions involves the translation of insights from preclinical models to human
application. So far, macrophage interventions have been investigated predominantly
in animal models. However, given the substantial interspecies differences in cardiac
macrophage ontogeny, subset composition and kinetics, it is essential to validate
macrophage interventions also in living human models, which has not been possible

yet.

Together, these challenges underscore the need for the establishment of translational

relevant models to test macrophage interventions in living human heart tissue.

1.5.5 CSF1R inhibition as a tool for macrophage depletion

One common strategy to investigate the function of cardiac macrophages is their
targeted depletion. The selective deletion thereby allows to assess how the absence
of macrophages affects cardiac homeostasis, providing valuable insights into their
specific functions. To achieve macrophage depletion, the Colony-stimulating factor 1
receptor (Csf1R) is often used as a target. The working mechanism is based on
inhibition of kinase activity of the Csf1R, a receptor tyrosine kinase expressed by
monocytes, macrophages and microglia. This prevents autophosphorylation of the
receptor and consequently the activation of different signal cascades. Since Csf1R
regulates the proliferation, differentiation and activity of macrophages, the absence of
signal cascades due to Csf1R inhibition leads to missing differentiation signals and

apoptosis of cells [126, 127].

In several studies, the Csf1R inhibitor (Csf1Ri) PLX-5622 has been effectively used
across various species to deplete microglia and macrophages, providing critical
insights into their functional role [128-130]. Even though it was predominantly used in
mice, PLX-5622 also showed significant effects in a human in vitro model
(individualized patient tumor organoid (IPTO)) with Csf1R activity nearly completely
blocked by PLX-5622 [131, 132]. The broad pre-clinical use makes macrophage
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depletion via Csf1R inhibition a reliable and validated approach, as dosing regiments

and potential off-side effects are already established.

1.6 Translational aspects of studying human myocardium

Cell-based in vitro assays are widely used for examining molecular mechanisms in the
heart. However, analyzing long-term effects in human myocardium remains
challenging, as human cells typically do not maintain functional stability beyond 24—48
hours after isolation. Additionally, the reliability of these experimental models and their
ability to represent cell behavior in native tissue is uncertain, given that isolated cells
lack the environmental context and structural organization found in tissues, which are
important for various cellular processes [133]. Stem-cell derived engineered heart
tissue is often used to replace single cell models, however, they have not yet reached
comparable maturity and physiological properties of human myocardium [134].

Therefore, better models are needed to improve translatability of preclinical findings.

A major advancement in this field was achieved with the introduction of the MyoDish-
1 tissue culture system (InVitroSys GmbH, Grafelfing), which enables long-term
culturing of human atrial and ventricular tissue [135]. Hereby, precision-cut myocardial
slices are positioned within culture chambers attached with a force transducer,
subjected to electrical stimulation, and subsequently evaluated for contractile
performance and kinetics, including beta-adrenergic response and refractory period
assessment. Additional functional tests, such as FFR and PRP measurements, allow
assessment of contractile performance across varying stimulation frequencies and
provide insights into the functional integrity of myocardial Ca?* cycling. After long-term
culture (weeks up to months), cardiac tissue can be isolated into single cells and
analyzed for electrophysiological properties such as Ca?* signaling and gene
expression profiles. This new method of myocardial tissue culture allows for the study
of long-term effects and structural functions in human myocardium by preserving not
only cardiomyocytes but also all other cardiac resident cells, preventing the rapid
degradation observed in isolated adult cardiomyocytes. Accordingly, this multicellular

three-dimensional in vitro model was also examined as part of this thesis.
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2 Objective

Cardiovascular diseases such as HFrEF, despite modern medical advances, remain
the leading cause of mortality worldwide. While current therapies primarily target
neurohormonal pathways to improve heart function, many patients still experience
ongoing disease progression. This highlights the need to explore new pathways.
Growing evidence underscores the importance of inflammation and immune cells,
especially of cardiac macrophages, in the pathophysiology of HFrEF, prompting
cardio-immunotherapies as potential new therapeutic approaches. However, despite
increasing interest in cardiac immunomodulation, direct experimental interventions

targeting immune cells in living human heart tissue have not yet been possible.

The objective of this thesis was to investigate the functional role of cardiac
macrophages in human heart failure by using long-term cultured living and beating
human heart tissue from patients with HFrEF. Specifically, this study aimed to
determine the effects of macrophage depletion in human heart tissue on contractile
performance, excitation-contraction coupling, oxidative stress, apoptosis and
mitochondrial function in order to provide mechanistic insights into the contribution of

cardiac macrophages to myocardial function in heart failure.

_37 -



Material and Methods

3 Material and Methods

3.1 MyoDish-1 tissue culture system
3.1.1 Construction of the system

The MyoDish-1 tissue culture system (InVitroSys GmbH, Grafelfing) comprises a
baseplate housing a main circuit board with eight slots for culture chambers, each
equipped with an external sensor circuit board. The main circuit board is mounted on
a movable bearing and driven by a stepper motor, enabling a controlled rocking motion.
The resulting motion generates medium circulation within the chambers, thereby
enhancing oxygenation and facilitating the delivery of nutrients to the cultured tissue.
Furthermore, motion aids in the removal of metabolic waste products from the tissue
into the surrounding medium, an essential step for the maintenance of viable cardiac
tissue cultures. The sensor circuit boards, mounted externally to the culture chambers
without direct contact with the tissue or medium, are equipped with insertion
connectors for electrodes. These electrodes interface with the main circuit board,
transmitting sensor data to the controller unit, which serves as an interface to the
computer while also ensuring the voltage supply and control of the system (Figure 5)
[135].

Figure 5. MyoDish-1 tissue culture system. The MyoDish-1 tissue culture system includes a
baseplate with the main circuit board (a), which is mounted on a movable bearing operated by a stepper
motor (b). Sensor circuit boards (c) with eight fixed culture chambers (d) are connected to the main
circuit board to relay sensor data to the controller (e). Source: http://www.invitrosys.com/.

-38 -



Material and Methods

3.1.2 Design of culture chambers

Each of the eight culture chambers mounted on the circuit board was constructed from
polystyrene and contained an adjusting wire (grade 1.441, 0.4 -mm diameter), a spring
wire (grade 1.4401, 18 mm long) with magnet (NdFeB, 1 mm length, 0.5-mm diameter,
HKCM engineering, Germany) as well as an adjusting bolt. The adjustment and spring
wires served to secure the tissue slices within the chamber, which were suspended
using plastic triangles affixed to the tissue. The spring wire additionally functioned as
the force transducer for contractility measurements. Tissue preload was regulated by
adjusting the position of the adjustment bolt. The design and volume of the culture
chambers allowed for the containment of up to 2.5 mL of culture medium without
spillage during stepper motor-induced rocking motion. To facilitate gas exchange while
minimizing the risk of contamination, all chambers were loosely covered with a shared
35 mm-diameter Petri dish lid (Sarstedt, Germany), which did not form an airtight seal.
Electrical stimulation was delivered via two graphite electrodes (6 x 8 mm?, CG1290,
CGC Klein, Germany), which were placed at 20 mm distance at both sides of the tissue
and were linked to the sensor boards using steel wires (grade 1.4401, 0.4-mm

diameter) (Figure 6).

Figure 6. Design of biomimetic culture chambers. (a) Representation of a cultivation chamber
containing the spring wire with magnetic tip (1), graphite electrodes (2) and adjusting wire (3), covered
by a Petri dish lid (b) Graphite electrodes are connected to the main circuit board via connection pins.

3.1.3 Stimulus generation and force monitoring

Bipolar electrical stimulation pulses were generated by an adjustable current source
(LT1970, Linear Technology, USA) and delivered in series through the culture chamber

electrodes. Impulse intensity was controlled by the output current and stimulation
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parameters could be adjusted individually for each culture chamber. All stimulation
parameters, including stimulus sequence, rate, pulse duration and current, were
defined via commands and freely programmable protocols transmitted from the
MyoDish software to the controller. Within each stimulation sequence, the exact time
points of individual pulses were specified and repeated after a pre-defined stimulation
interval. Stimulation timing for each individual chamber within the stimulation period
could also be individually defined by the user. Contraction force of cultivated
myocardial tissue was measured using patented technology (EP3176252A1,
InVitroSys GmbH, Grafelfing) integrated into the culture chambers and sensor boards.
Data were continuously transmitted to the controller unit and recorded by the MyoDish
software on a USB-connected computer. Real-time contractility data were visualized
with a custom-written program based on the free library “Oscilloscope DLL” (M.

Bernstein, https://www.oscilloscope-lib.com). Recorded data were imported and

analyzed using LabChart Reader (AD Instruments, Australia) [135].

3.2 Patients

Collection and use of patient tissue were authorized by the local ethics committee of
the University of Regensburg (20-1776-101), the Ruhr University Bochum (13/2009)

and the University of Giellen (AZ 184/24). All experiments were conducted in

compliance with the ethical principles outlined in the Declaration of Helsinki.

Myocardial tissue was collected from 12 patients with end-stage heart failure (HF)
undergoing heart transplantation, through a collaboration with the Clinic of Thoracic
and Cardiovascular Surgery at the Heart and Diabetes Center Bad Oeynhausen and
the University Hospital Regensburg, Germany. Left ventricular myocardial tissue was
immediately immersed in cooled cardioplegic solution (Custodiol, 2204511, Dr. Franz
Kéhler Chemie GmbH, Germany) supplemented with 2 g of 2,3-butanedione
monoxime (BDM) (10223744, Alfa Aesar, USA) and transported to the laboratory at
4°C.
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3.3 Preparation of myocardial tissue specimens for tissue culture

Immediately upon arrival, tissue samples were freed from connective tissue and
intramuscular fat and subsequently trimmed to a block with a ~10 x 10 mm? cross-
sectional area. The tissue block was embedded in 4% low-melt agarose (Roth,
Germany, dissolved in glucose-free slicing buffer at 80 °C, applied at 37 °C), mounted
on the cooled (4°C) stage of a vibratome (VT1200S, Leica Biosystems, Germany) and
consequently sectioned in the epicardium-tangential plane (2.4 mm vibration
amplitude, 0.08 mm/s feed rate, razor blade “Gillette Silver Blue”) while kept in ice-cold
slicing buffer (Table 1). Resulting slices of 300 um thickness were affixed with
Histoacryl (B.Braun Melsungen AG, Germany) to plastic triangles cut from 0.1-mm-
thick polyester copier clear fim (MGW5504, MGW Office Supplies, Germany),
ensuring a ~5 x 5 mm? muscle section was aligned with longitudinal fiber orientation
between fixation points. Slices were then transferred into biomimetic culture chambers
containing 2.4 mL pre-warmed (37 °C) culture medium (Table 2), preload on the elastic
and fixed holding wire was set to 1 mN and electrical stimulation (50 mA, 1 ms, 0.5 Hz)
was initiated [135]. Preload was again set to 1 mN after 24 hours of cultivation and left
unchanged during the rest of the culture period. Measurements were performed

following an equilibration period of approximately 7-10 days (Figure 7) [135].
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Figure 7. Preparation of human cardiac tissue and consequent cultivation. (a) Explant hearts from
patients with HFrEF were collected and transported to the laboratory. (b) Human myocardial LV tissue
was cut into 10 x 10 mm2 pieces and embedded in 4% low-melt agarose. (c) Tissue blocks embedded
in agarose were cut with a vibratome into 300 um thick slices. (d) Freshly cut tissue slices were fixed
with aligned longitudinal fiber orientation into culture chambers containing culture medium. (e) Culture
chambers were put onto a circuit board located in a standard incubator and stimulation was initiated via
the MyoDish-1 tissue culture system.

Table 1. Composition of slicing buffer

Substance g/l Concentration (mM)
NacCl 8 136
KCI 0.4 5.4
MgCl2*6 H20 0.2 1
NaH2PO4* 2 H20 0.05 0.33
Glucose 1.8 10
BDM 3 30
HEPES 1.2 5
CaClz-Losung (1M) 900 pl 0.9
Diluted in dH20, pH= 7.4
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Table 2. Composition of tissue culture medium

Substance Volume Manufacturer
Medium199 500 ml Gibco, 31150-022
Insulin-Transferrin- 5ml Gibco, 5150056

Selenium-Ethanolamin
(ITS-X) (100x)

Penicillin-Streptomycin 5ml Sigma, P0781-100ML
(100x)

Medium 199 + P/S +ITS | 50 ml

B-Mercaptoethanol 1,8 Applichem, A1108,100
Dexamethason 5 pul Merck, 265005-100MG
Amphotericin B 100 pl Gibco, 15290018

3.4 Maintenance of tissue culture

Culture platforms comprising eight individual chambers were placed in a standard
incubator (37 °C, 5% COz2, 20% O2, 100% humidity) and continuously subjected to
rocking motion (60 rpm, 15° tilt angle, Hi/ Lo-Rocker, IBI Scientific, USA, equipped with
brushless motor BLH230KC-30, Orientalmotor, Germany). During equilibration, tissue
slices were paced at 0.5 Hz (30 bpm) with bipolar 50 mA pulses (1 ms charging and
discharging, separated by 3 ms). This low, non-physiological rate was applied to
minimize oxygen and nutrient demand to allow a better adjustment of tissue slices.
Stimulation was switched to 1 Hz (60 bpm) one day prior to the experiment. Slices
were maintained in Medium 199 supplemented with 1% penicillin/streptomycin,
insulin/transferrin/selenite, dexamethasone (20 nM) and 2-mercaptoethanol (50 uM).
Partial medium exchange (1.6 mL of 2.4 mL per chamber) was performed every 2-3

days.

3.5 Pacing protocols

After reaching a steady-state in relation to the contraction force of the different slices,
pre-defined stimulation protocols were applied daily to assess the systolic force
amplitude, the post rest potentiation (PRP) and the force-frequency relationship (FFR)

of the myocardium (described in chapter 1.1.3 and 1.1.4). During all pacing protocols,
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the rocking motion of the culture platform was intermittently paused to record multiple
consecutive contractions, thereby minimizing artifacts caused by medium movement
and ensuring reliable contractility measurements. These artifacts originate from inertial
and gravitational forces acting on the spring wire, leading to motion-induced low-
frequency noise in the recorded contraction signals. Only contractions recorded during
rocking-free periods were considered. Effective stimulation and consistent capture of

tissue slices were continuously controlled throughout all pacing protocols.

3.5.1 Long-term cultivation and macrophage depletion in human heart tissue

After an equilibration period of 7-10 days, cultivated human LV tissue slices were
treated with 25 uM Colony-stimulating factor 1 receptor (Csf1R) inhibitor PLX-5622
(HY-114153, MedChemExpress) for 10 days. A 25 pM concentration of PLX-5622 has
previously been used in patient-derived tumor explants and was confirmed to
effectively deplete macrophages [132]. Contractility was assessed every 24 hours
throughout the whole treatment period. Medium was changed every 2-3 days and

collected medium was frozen and stored at — 80°C for further experiments.

a + Csf1Ri

—a F

o=

Control (10d)
60 bpm, 3 ms,
50 mA

Csf1Ri (10d)
60 bpm, 3 ms,
50 mA

] Control [l Macrophage depletion (Csf1Ri)

Figure 8. Long-term cultivation and experimental set-up. (a) LV tissue from explanted hearts from
HFrEF patients was embedded in agarose, sliced with a vibratome, placed into cultivation chambers
and subsequently long-term cultured in a standard incubator. (b) Stimulation was set to 60 beats-per
minute (bpm), 3 ms and 50 mA for both groups. After an equilibration phase of approximately 7-10 days,
Csf1Ri was added to the experimental group for 10 days and contractility was measured throughout.
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3.5.2 Force-frequency-relationship

To assess the force-frequency-relationship (FFR) of HF slices treated with Csf1Ri
compared to vehicle controls, FFR was measured on days 0, 5 and 10. A pacing
protocol was applied at increasing stimulation frequencies of 0.5, 1, and 2 Hz with one
minute stimulation time, respectively. To quantify the FFR, the mean value of 10
contractions at each frequency were normalized to baseline values obtained at 0.5 Hz

prior to frequency escalation.

3.5.3 Post-rest-potentiation

To investigate post-rest behavior in HF slices treated with Csf1Ri compared to vehicle
controls, measurements were obtained on days 0, 5 and 10, with a baseline frequency
of 1 Hz. Following one minute of steady-state pacing, electrical stimulation was paused
under stable conditions for progressively increasing rest intervals of 10 and 30
seconds. Subsequently, 1 Hz stimulation was resumed to assess post-rest potentiation
of contractile force. After each rest interval, 1 minute of normal pacing was applied to
ensure complete mechanical stabilization of the myocardial slices, before the next rest
interval was imposed. Post-rest behavior was quantified by calculating the ratio of the
contractile force of the first twitch following each rest interval to that of the final twitch

immediately preceding the pause.

3.6 Isolation of cardiomyocytes from human tissue slices

For cardiomyocyte Ca?* imaging, cardiomyocytes were isolated after 5 days of Csf1Ri-
treatment (Figure 9). Human myocardial tissue slices were individually treated with 30
mM BDM, freed from the plastic triangles, placed into dishes and washed in isolation
solution (2 x 3 min) (Table 3). Throughout the whole digestion, dishes containing the
tissue slices were placed on a shaker at 37°C and agitated at 65 rpm. Slices were then
digested with proteinase bacterial type XXIV (Sigma, 1 mg/ml) for 10 min and
consequently with collagenase type | (EMD Millipore Corp., 2 mg/ml) for 9 min, each

diluted in isolation solution. Once individual myocytes became visible, enzymatic
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digestion was stopped using a stop solution (Table 4). Tissue slices were gently
dissociated with forceps and Ca?* concentration was gradually increased from 5 uM to
1.5 mM (followed by 2 mM in the working solution). Cells were then plated onto laminin-

coated chambers and allowed to settle for 30 min.

Figure 9. Isolated cardiomyocytes from cultivated human HFrEF tissue slices. Representative
picture of isolated human cardiomyocytes obtained after 7 days of Csf1Ri treatment. Cardiomyocytes
were isolated from myocardial tissue slices using sequential enzymatic digestion (proteinase XXIV,
collagenase type |) followed by gradual Ca?* increase.

Table 3. Composition of isolation solution

Substance g/l Concentration (mM)
Isolation solution
KCI 1.491 20
MgCl2 0.952 10
KH2PO4 1.560 10
Glutamic acid 10.299 70
Taurine 2.504 20
pH 7.3 with KOH (37°C)
Glucose 0.18 10
BSA 0.2 2 mg/ml
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Table 4. Composition of stop solution

Substance g/l Concentration (mM)
Stop solution
KCI 1.491 20
MgCl: 0.952 10
KH2PO4 1.560 10
Glutamic acid 10.299 70
Taurine 2.504 20
pH 7.3 with KOH (37°C)
Glucose 0.18 10
BSA 1 10 mg/ml
CaClz (10 mM) 50 ul 0.0005

3.7 Ca?' Cycling measurements with epifluorescence microscopy
3.7.1 Basic principle of epifluorescence microscopy

Fluorescence is a process in which a material is excited by light of a specific
wavelength and subsequently, after a time delay, emits light of a longer wavelength
[136]. In fluorescence microscopy, this property is exploited by labeling samples with
fluorescent dyes and stimulating them with excitation light. The resulting emission light
can be separated from the excitation light using an optical filter, allowing detection of
the signal. The so-called Stokes shift, the difference between excitation and emission
wavelengths, is hereby essential for distinguishing fluorescence signals [137]. This
spectral separation allows the specific detection of emission light. Fluorescent dyes
can be categorized as ratiometric or non-ratiometric. Ratiometric dyes allow the
derivation of unknown quantities from the ratio of two measured signals [137, 138]. An
example of a ratiometric dye is Fura-2AM, which absorbs light at both 340 nm and 380
nm and emits at 510 nm [139]. The ratio of the two measured intensities remains
unaffected by external factors such as bleaching or dye loss, as both are affected to
the same extent [138]. This makes Fura-2AM particularly suitable for the (semi-)

quantitative measurement of Ca?* concentrations over longer periods.

To facilitate cellular uptake, Fura-2AM is esterified with an acetoxymethyl group (AM),

allowing it to pass through the cell membrane [138]. Inside the cell, the AM group is
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cleaved by cytosolic esterases, leading to the formation of the ion-binding salt form
and thereby preventing leakage of the dye from the cell. When fura-2 binds Ca?*,
forming a chelate-complex, the absorption maximum shifts from 380 nm to 340 nm,
but the emission maximum remains constant at 510 nm [138]. The Ca?* concentration
can be determined via the ratio of the fluorescence intensities at 340 nm and 380 nm
(F340 nm/F380 nm). These values are semiquantitative and are always interpreted in
comparison to a control group. During measurements with the epifluorescence
microscope, the temporal change of the Ca?* concentration in the cardiomyocytes is

visualized and the released systolic Ca?* transients are recorded.

3.7.2 The epifluorescence microscope

In this work, an inverted microscope (Nikon Eclipse TE2000-U) equipped with a 40x
oil-immersion objective was used. The excitation light emitted from the lamp (Cairn
Research, high-intensity arc lamp) is directed onto a galvanometric mirror that can
switch between two excitation wavelengths. The beam then passes through a dichroic
mirror, which reflects the short-wavelength excitation light and transmits the long-
wavelength emission light. This directs the excitation light onto the examined sample,
while the emission light is directed to the emission filter, which removes stray light. The
filtered fluorescence is passed on to the photomultiplier (lon Optix Fluorescence
system Interface), which amplifies the light and converts it into electrical voltage. An
analog-to-digital converter (lon Optix Hiper Switch) translates the voltage into a digital
signal, which is processed by the lon Wizard software (lon Optix, lon Wizard 5.0).
During the measurements, the examined cells are stimulated with the Myopacer (lon

Optix Myopacer Field Stimulator).

3.7.3 Measurement of Ca?* transients and SR Ca?* content

Isolated cells from human cultivated tissue slices were plated on laminin-coated
chambers and mounted on an inverted microscope (Nikon Eclipse TE2000-U).
Cardiomyocytes were loaded with Fura-2AM (Invitrogen, F1221) in the presence of
0.05% w/v Pluronic F-127 (Sigma-Aldrich) for 15 min followed by 15 min incubation in

Tyrode's solution (Table 5) to allow de-esterification of the dye. Fura-2 fluorescence
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ratios were determined using alternating excitation at 340 and 380 nm, with emission
collected at 510 nm. Ca?* transients were recorded under steady-state conditions

during continuous rhythmic field stimulation (30-60 bpm) at room temperature.

Table 5. Composition of Tyrode's solution

Substance Molar Mass (g/mol) Concentration (mmol/l)
NaCl 58.44 140
KCI 74.55 4
Glucose 180.16 10
MgCl: 95.22 1
HEPES 238.31 5
CaClz 1M 2

Diluted in dH20, pH=7.4

Sarcoplasmic Ca?* content was assessed by caffeine application (10 mmol/l; Table 6),
which induces an opening of RyR2 channels in the SR, releasing all stored Ca?* [140,
141]. Fractional Ca?* release from the SR was calculated by comparing the preceding
systolic Ca?* transient with the caffeine-induced transient. SERCA2a (sarcoplasmic
reticulum Ca?* ATPase 2a) activity was assessed by calculating the difference between
the decay kinetics of systolic and caffeine-induced Ca?* transients (Ksys-Kcaf). Ca?*

transients were analyzed using lonWizard software (lonOptix Corp.) [142].

Table 6. Composition of caffeine solution

Substance Molar Mass (g/mol) Concentration (mmol/l)

Caffeine 194.19 10

NaCl 58.44 140

KCI 74.55 4

Glucose 180.16 10

MgCl: 95.22 1

HEPES 238.31 5

CaClz 1M 2

Diluted in dH20, pH=7.4
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3.8 Immunostaining

3.8.1 CD68 staining

After 10 days of Csf1Ri-treatment, human LV tissue slices were paraffin-embedded,
sectioned at 4 ym and mounted on glass slides. After a drying period, sections were
incubated at 70°C for 40 min to remove paraffin, followed by deparaffinization in xylene
(2 x 10 min) and rehydration through a descending ethanol series (100%, 96%, 70%;
2 x 5 min each). Antigen retrieval was achieved by boiling slides at 121°C for 30 s in a
combined citrate and T-EDTA buffer (HIER Citrate Buffer pH 6.0, HIER T-EDTA Buffer
pH 9.0, Zytomed Systems) diluted in dH20. Subsequent steps were conducted at room
temperature in a humid chamber, with PBS washes (2 x 5 min) between steps.
Following antigen retrieval, slides were incubated in 0.1 M TRIS-Glycine buffer (pH
7.4) for 15 min and consequently blocked with 5% BSA in PBS containing 0.5% Triton
X-100 and 0.1% Tween 20 for 60 min to prevent non-specific binding. Primary antibody
rabbit anti-human CD68 (1:100, ThermoFisher) was diluted in 1% BSA PBS with 0.5%
Triton X-100 and 0.1% Tween 20 and incubated overnight at 4 °C. Negative controls
received antibody diluent only. The following day, slides were incubated with the
secondary antibody Alexa Fluor 568 goat anti-rabbit IgG (1:500, Life Technologies) for
60 min. All following steps were performed in the dark to prevent photobleaching.
Nuclei were counterstained with Hoechst 33342 (1:50000 in dH20) for 2 min and
autofluorescence was reduced using the Vector TrueVIEW Autofluorescence
Quenching Kit (Invitrogen, R37630). Lastly, slides were mounted with Roti Mount-
FluorCare (Carl ROTH, HP19.1) and analyzed via fluorescence microscopy the next

day.

Images were acquired with the fluorescence microscope Observer.Z1 (Carl Zeiss AG,
Oberkochen) utilizing the AxioCam Software (Carl Zeiss AG, Oberkochen). Image
analyzation including cell counting and quantitative analysis was performed with
ImagedJ. CD68 macrophages were identified based on their Alexa Fluor 568 signal in
close association with Hoechst-stained nuclei. All evaluations were carried out in a

blinded manner to avoid observer bias.
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3.8.2 TUNEL staining

Apoptosis of cardiomyocytes was assessed by TUNEL staining using the DeadEnd™
Fluorometric TUNEL System kit (G3250, Promega). All incubation steps were
completed at room temperature in a humid chamber unless otherwise indicated, with
PBS washes (2 x 5 min) between steps. Sections were deparaffinized in xylene (2 x
10 min), rehydrated through a graded ethanol series (100% for 3 and 5 min, 96% for 2
x 3 min, 50% for 3 min) and incubated for 5 min each in 0.9% NaCl and 4%
formaldehyde. Antigen retrieval was performed with Proteinase K (1:500 in PBS,
Promega, V302A) for 15 min, followed by fixation in 4% formaldehyde for 5 min. Slides
were then incubated with Equilibration Buffer (Promega, G327C) for 10 min, followed
by incubation with Reaction Mix (45 ul Equilibration Buffer, 5yl Nucleotide Mix, 1 pl
Terminal Deoxynucleotidyl Transferase, Promega) at 37°C for 60 min. For the positive
control, one section was pretreated with RDD buffer (Qiagen, 1010397) for 5 min,
followed by 10 min DNase | treatment (10 ul DNase |, RNase-free + 70 ul RDD buffer,
Qiagen). For the negative control, TdT enzyme was substituted with RNase-free water
(Qiagen, 129112). Following a 15 min incubation in diluted 20x SSC buffer (1:10 in
PBS, Promega, G329A), nuclei of tissue sections were counterstained with Hoechst
33342 (1:50000 in Millipore water, Molecular Probes) for 2 min. Slides were then
mounted with Roti Mount-FluorCare (Carl Roth, HP19.1) and examined by
fluorescence microscopy. Images were acquired with the fluorescence microscope
Observer.Z1 (Carl Zeiss AG, Oberkochen) utilizing the AxioCam Software (Carl Zeiss
AG, Oberkochen). Apoptosis rates were calculated as TUNEL positive nuclei/Hoechst-
stained nuclei x 100%. To differentiate cardiomyocytes nuclei from those of other cell

types, cardiomyocyte structure was simultaneously recorded in bright-field mode.

3.9 High-resolution respirometry

3.9.1 Principle of high-resolution respirometry

Oxidative phosphorylation is a crucial process in cellular bioenergetics and represents
an important parameter when analyzing mitochondrial respiration in health and
disease. Real-time oxidative phosphorylation (OXPHQOS) analysis uses respirometry
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as a central approach to study oxygen consumption, therefore representing a suitable

method to evaluate mitochondrial function.

The measurement of OXPHOS with an Oroboros-O2k oxygraph relies on high-
resolution respirometry in a closed chamber, where mitochondrial respiration is
quantified by monitoring changes in oxygen concentration over time. To ensure an
accurate assessment of the respiratory function, the system usually maintains oxygen
levels above limiting concentrations, ensuring that respiration is not limited by oxygen
availability (since oxygen concentration declines over time as a result of respiratory
processes). By sequentially adding defined substrates, inhibitors and uncouplers to the
sample, distinct respiratory states, such as OXPHOS capacity and electron transfer
system (ETS) capacity can be characterized. Mitochondrial respiration is thereby
calculated as the negative time derivative of the oxygen concentration recorded in the

closed chamber over time [143, 144].

3.9.2 Oroboros Set-up

To assess mitochondrial respiration, high-resolution respirometry with an Oroboros-
O2k oxygraph (Oroboros Instruments, Innsbruck, Austria) was used. The system
consists of two chambers (each 2 mL) that allow parallel measurements under identical
experimental conditions. The chambers are equipped with highly sensitive Clark-type
oxygen sensors, which continuously monitor oxygen concentration and allow
calculation of oxygen flux. To ensure homogeneous distribution of oxygen and added
substances, constant stirring is applied within the chambers. The system uses a closed
chamber design to minimize external disturbances as well as gas exchanges with the
environment. DatLab software (Oroboros Instruments, Innsbruck, Austria) is used for
data acquisition and analysis, enabling real-time calculation of the time derivative of

oxygen concentration and correction for instrumental background oxygen flux.
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3.9.3 Measurement of OXPHOS capacity in human HFrEF tissue slices and
iPSC-CM

Human LV tissue slices were permeabilized and prepared for high-resolution
respirometry measurements. Respiration was measured at 37 °C in the mitochondrial
respiration medium MiRO05 (Table 7), using chamber volumes of 2.0 mL. To evaluate
oxidative phosphorylation (OXPHOS) capacity and electron transfer system (ETS)
capacity, substrate-inhibitor titration (SUIT) protocols were applied [145, 146]. After a
stabilization phase, complex I-linked oxidative phosphorylation activity (OXPHOS 1)
was determined by substitution of malate (2 mM), MgClz (5 mM), pyruvate (5 mM),
glutamate (10 mM), and ADP (5 mM). Subsequent addition of succinate (10 mM)
allowed determination of the capacity of the oxidative phosphorylation system
(OXPHOS I+ll). To test the integrity of the outer mitochondrial membrane, cytochrome
c was applied and consequently electron transport system (ETS) capacity was
measured by stepwise uncoupling with FCCP (1.5 uM). Maximal complex ll-driven
capacity (Cll ETS) was assessed in the uncoupled state following inhibition of complex
| with rotenone (0.5 uyM). Finally, residual oxygen consumption was determined after
inhibition of complex Ill with myxothiazol (0.5 pM) and measured values were
subtracted from all respiratory parameters. To prevent oxygen limitation, intermittent
re-aerations were performed as required. Respiration rates were normalized to tissue
wet weight and tissue slices showing a respiration increase above 10% after

cytochrome c addition were considered as damaged and excluded from analysis.

Table 7. Composition of MiR05

Substance Molar Mass (g/mol) Concentration (mmol/l)
EGTA 380.35 0.5
MgCl: 95.22 3
Lactobionic acid 358.29 60
Taurine 125.14 20
KH2PO4 136.09 10
HEPES 238.31 20
Sucrose 342.30 110
BSA (fatty acid free) 66.50 0.0015
pH=7.1
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3.10 Transmission electron microscopy

3.10.1 Basic principle of transmission electron microscopy

The transmission electron microscope (TEM) operates on a principle similar to that of
a light microscope, however, instead of light rays it uses a focused high-energy beam
of electrons to generate an image of the specimen. Since electrons have much shorter
wavelength than visible light (~0.005 nm), TEM achieves far higher resolving power,
resulting in an approximately 1,000-fold greater resolution than a conventional light
microscope [147]. This enables the TEM to reveal ultrastructural details and visualize
internal cell structures at the nanometer scale [148]. Therefore, TEM is a suitable
technique to obtain detailed morphological information about cell structures like

mitochondria.

In practice, a focused beam of electrons is transmitted through an ultrathin (40-100
nm) specimen where electrons either pass through or are scattered by the sample.
Electron transmission thereby takes place under high vacuum conditions and
electromagnetic lenses are used to focus the electron beam. The resulting scattered
electrons form a highly magnified image on a detector or fluorescent screen. Image
contrast arises from variations in electron scattering within the specimen, which are

often enhanced by staining with heavy metals [148, 149].

3.10.2 The transmission electron microscope

In this work, a LEO912AB electron microscope (Zeiss, Oberkochen, Germany)
operated at 100 kV was used. The microscope is equipped with a LaB¢ (lanthanum
hexaboride) cathode, providing a stable, high-brightness electron beam. Electron
transmission was performed under high vacuum, with electromagnetic lenses used to
focus the beam. Specimens were mounted on a motorized 4-axis goniometer, allowing
precise tiling. Images were acquired with a 2k x 2k side-mounted camera, controlled

by iTEM software (version 5.2, OSIS, Muenster, Germany).
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3.10.3 Recordings of human LV samples

Long-term cultured human LV tissue slices, treated with or without Csf1Ri, were fixed
overnight in 0.1 M cacodylate-buffered Karnovsky fixative containing 2.5%
glutaraldehyde and 2% paraformaldehyde (Electron Microscopy Sciences, Hatfield,
PA, USA) at room temperature. Samples were then post-fixed in 1% osmium tetroxide
(Electron Microscopy Sciences) for 2 hours and subsequently dehydrated in graded
ethanol (Sigma-Aldrich). After dehydration, samples were embedded in EMbed-812
epoxy resin (Electron Microscopy Sciences). Ultra-thin (80 nm) sections were prepared
using a Leica Ultracut-S Microtome (Leica-Reichert, Wetzlar, Germany) and
sequentially contrasted with 2% aqueous uranyl-acetate (Honeywell International Inc.,
Morristown, NJ, USA) and 2%-lead-citrate solutions (Leica) for 10 min each.

Subsequently, transmission electron microscopy was performed.

Mitochondria were imaged on both sides of visible Z-lines in cardiomyocytes to ensure
that all analyzed mitochondria originated from comparable subcellular regions.
Mitochondrial parameters (mitochondria count, mean mitochondrial size/FOV (um?2),
defect mitochondria (%), cristae area/mito area (%) and relative electron density (Mean
grey value)) were quantified using ImagedJ (version 1.54p, National Institutes of Health,
Bethesda, MD, USA). Mitochondria were manually outlined using the freehand
selection tool and the area of each mitochondrion was measured in ym? (Figure 10a).
Mitochondrial health was assessed by classifying mitochondria as healthy, hydropic,
or otherwise defective (e.g. lamellar structures, loss of cristae with preserved matrix
density) following established criteria [150, 151]. Cristae density was calculated as the
ratio of cristae area to total mitochondrial area (%) (Figure 10b). To compare matrix
electron density, the inverted mean grey value of mitochondria was analyzed. To
account for potential variations in image contrast, the mean gray value of the
sarcomeres in each image was quantified and normalized to a reference value. The

mean gray value of mitochondria was measured and normalized to the reference value.
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Figure 10. Analyzation of mitochondria in human HFrEF tissue slices. (a) Evaluation of
mitochondrial count and mean mitochondrial size/FOV in pym? using the freehand selection tool from
Imaged. The perimeter of each mitochondrion is displayed in blue. (b) Analyzation of cristae density by
using the ratio of cristae area (perimeter in blue) to total mitochondrial area (violet).

3.11 Determination of hydrogen peroxide production

Hydrogen peroxide production was measured in collected medium of cultured tissue
slices after 10 days of Csf1Ri-treatment using the Hydrogen Peroxide/Peroxidase

Assay Kit (Thermo Fisher Scientific, A22188) according to the manufacturer’s protocol.

50 ul of each medium sample was transferred to individual wells of a microplate. As a
positive control, 50 pl of a 10 yM H202 working solution (diluted to in 1 x Reaction
Buffer) was included. For the negative control, 50 ul of 1x Reaction Buffer was used.
An Amplex® Red reagent/HRP working solution (100 uM Amplex® Red reagent and
0.2 U/mL HRP diluted in 1x Reaction Buffer) was prepared. 50 uL of the working
solution was added to each microplate well containing the controls and the samples
and consequently incubated for 30 minutes at room temperature. Absorption was then
measured in a microplate reader at 560 nm and 590 nm wavelength. To correct for
background fluorescence, values derived from the negative control were subtracted

from measured values from medium samples.
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3.12 Enzyme activity assays

To perform enzyme activity assays, cultivated human LV tissue slices were submerged
in 400 pl of lysis buffer after 10 days of macrophage-depletion and consequently

disrupted using lysing matrix tubes (1169250-CF, MP Biomedicals).

3.12.1 Caspase-3 activity assay

To measure apoptosis in Csf1Ri treated vs. untreated human cultured tissue slices,
the Caspase-3 Assay Kit (ab39401, Abcam) was used. Caspases are cysteine
proteases that regulate apoptosis. They are synthesized as inactive pro-enzymes and
become activated by cleavage in response to apoptotic stimuli. Initiator caspases
thereby trigger the apoptotic cascade, while executioner caspases, such as caspase-

3, are mediating the proteolysis of cellular substrates, leading to cell death [152].

The Caspase-3 activity assay relies on spectrophotometric detection of the
chromophore p-nitroaniline (p-NA), which is released upon cleavage of the labeled
substrate DEVD-pNA. The absorbance of p-NA can be measured at 400 nm using a
microplate reader. Caspase-3 activity is thereby determined by comparing p-NA
absorbance in between a treated and untreated group to calculate the fold increase
[153].

Lysed human tissue slices were re-suspended in 50 uL of chilled Lysis Buffer IV,
incubated on ice for 10 min and subsequently centrifuged at 10,000 x g for 1 min. The
supernatant was transferred to a fresh tube and immediately placed on ice. A BCA
assay (Thermo Fisher, YJ374058) was conducted to evaluate the protein
concentration of each sample and final concentrations were adjusted to 200 ug protein
per 50 uL Lysis Buffer IV. For caspase-3 detection, 50 pyL of each sample was placed
into a microplate well. As a negative control, 50uL 2x Reaction Buffer | was used. In a
next step, 50 pyL of a Caspase Reaction Mix (2x Reaction Buffer | with DTT I, 1:100)
was added to each sample, followed by the addition of 5 yL of 4 mM DEVD-pNA (200
MM final concentration). All reagents were carefully mixed and incubated for 100 min

at 37°C. Caspase-3 activity was measured at 400 nm using a microplate reader.
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3.12.2 Complex IV human enzyme activity assay

The mitochondrial respiratory chain consists of different complexes that facilitate
oxidative phosphorylation, a process crucial for ATP synthesis in cardiomyocytes.
Complex IV, also known as cytochrome c oxidase, represents a crucial component of
the mitochondrial respiratory chain and its activity provides insights into cellular

function following experimental intervention [154].

Mitochondrial enzyme activity of complex IV in treated versus untreated human
cultured tissue slices was measured with the Complex IV Human Enzyme Activity
Microplate Assay Kit (ab109909, Abcam), following the manufacturer’s instructions.
The principle of the assay relies on the colorimetric detection of CIV activity by
monitoring the oxidation of reduced cytochrome c, measured as a decrease in

absorbance at 550 nm.

Lysed human tissue slices were centrifuged at 10,000 x g for 1 min and supernatant
was transferred to a clean tube. Sample protein concentration was determined by a
BCA protein assay kit (Thermo Fisher, YJ374058) and adjusted to a final sample
protein concentration of 5.0 mg/mL. 10X Detergent solution in a final dilution of 1/10
was added and incubated on ice for 30 min to allow solubilization. Subsequently,
samples were centrifuged for 20 minutes at 4°C at 12,000 x g and supernatant was
collected and transferred to a clean tube. For complex IV detection, 200 ul of each
sample was added to an 8-well strip coated with an anti-Complex IV monoclonal
antibody provided with the kit. As background control, 200 pl of the used diluent was
added. In a next step, the samples were incubated for 3 hours at room temperature.
Once the monoclonal antibody has captured the CIV enzymes in the well, substrate
(Reagent C) was added, and enzymatic activity was assessed by measuring the

change in absorbance over time in a microplate reader.
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3.13 Human induced pluripotent stem cell cardiomyocytes (iPSC-CM)

3.13.1 Obtaining of human iPSC-CM

IPSC-CM were received through a collaboration with the working group Streckful3-
Bomeke from Wirzburg that established the differentiation of human iPSCs into
cardiomyocytes as described before [155]. IPSC-CM were obtained from healthy
donors without known cardiovascular disease. Prior consent was obtained from all
donors. Differentiated ventricular cardiomyocytes were sent to the University Hospital
Regensburg and consequently placed in cell culture. Experiments with iPSC-CM

began approximately 90 days after the start of differentiation.

3.13.2 Long-term cultivation and macrophage depletion in human iPSC-CM

Following differentiation, human ventricular iPSC-CMs were enzymatically dissociated
using trypsin. The digestion was terminated by the addition of digestion medium
(RPMI1640 (Gibco, 72400-021) supplemented with 2% B27 (Gibco, 17504-044), 20%
FBS (Gibco, A3160802) and 0.13% Thiazovivin (Merck, 420220-10MG)), and the cell
suspension was centrifuged at 200 x g for 5 minutes at room temperature. After
centrifugation, the supernatant was carefully removed, and the cell pellet was
resuspended in digestion medium. Viable cells were counted using a Neubauer
hemocytometer and seeded at a density of 250,000 cells per well in Matrigel-coated 6-
well plates. After 48 hours, digestion medium was replaced with culture medium
(RPMI1640 (Gibco, 72400-021) supplemented with 2% B27 (Gibco, 17504-044)),

which was subsequently refreshed every two days.

Following a 5-day resting period, iPSC-CM were treated with 25 uM Colony-stimulating
factor 1 receptor (Csf1R) inhibitor PLX-5622 (HY-114153, MedChemExpress) for 10
days. Morphology of treated vs. untreated iPSC-CM was assessed objectively using a
standard light microscope (Leica DM IL, Wetzlar). OXPHOS measurements were
performed with the Oroboros system (Oroboros Instruments, Innsbruck, Austria) to
detect potential functional differences in macrophage-deplete iPSCs compared to

vehicle control.
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3.14 Statistics

Statistical analysis of the data was conducted using GraphPad Prism version 10.4.1
(GraphPad Software, San Diego, CA, USA). All experimental data are presented as
mean = standard error of the mean (SEM). Normal distribution was tested with the
Shapiro-Wilk test if appropriate. Comparisons between two groups were performed
using paired or unpaired student t-tests for normally distributed data and paired or
unpaired Mann-Whitney tests for non-normal distributed data. Datasets with two or
more groups and/or time points were analyzed using 1 or 2-way ANOVA. Multiple
comparisons were corrected by the Sidak method. The results were considered
significant if P was < 0.05. Data were analyzed in a blinded manner whenever

applicable.
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4 Results

4.1 Patient characteristics

HF was caused by either dilated cardiomyopathy (DCM, 50%) or ischemic
cardiomyopathy (ICM, 50%). Patients were 75% male, with a mean age of 52.3+4.4
years, a mean echocardiographic ejection fraction (EF) of 20.8 £1.8%, and a mean
heart rate of 75.6 £ 3.3 beats per minute (bpm). Detailed clinical characteristics are

provided in Table 8.

Table 8. Characteristics of patients

Characteristics (n=12 patients)

Male sex, % 75.0
Age, v (meanzSD) 52.3x4.4
White origin, % 100
DCM, % 50

Heart rate, bpm (meantSD) 75.6+3.3
AF % 41.7
Diabetes, % 16.6
Coronary artery disease, % 50.0
Ejection fraction, % (meantSD) 20.8+1.8
IVS, mm (meantSD) 8.7+0.9
LVEDD, mm (mean+SD) 63.3+2.8
ACE inhibitor or ARB, % 66.7
B-blocker, % 66.7
Aldosterone antagonist, % 75.0
Diuretic, % 75.0
Statins, % 58.3
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4.2 Macrophage depletion impairs myocardial contractile function

4.2.1 Csf1Ri treatment leads to reduction of CD68* macrophages

To assess macrophage depletion, long-term cultured human HFrEF tissue slices
treated with or without Csf1Ri were paraffin-embedded and stained for CD68, a
universal marker for macrophages (Figure 11). Following 10 days of treatment, an
effective reduction of CD68* cells could be observed in Csf1Ri-treated tissue slices
(4.85 £ 0.83 cells/FOV; n= 5 slices/3 hearts) compared to vehicle control (7.98 £ 0.44
cells/FOV; n= 5 slices/3 hearts), confirming the effectiveness of macrophage depletion
via the Csf1Ri PLX-5622 (Figure 12).

Figure 11. CD68-stained macrophages in human HFrEF tissue slices. Representative images of
CD68-stained macrophages (magenta) and nuclei (blue) stained in human HFrEF tissue slices. Tissues
were treated with vehicle (Control, left) or a CSF1R inhibitor (Csf1Ri, right). Scale bar: 20 uym.
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Figure 12. Evaluation of macrophage depletion via CD68 staining. Quantification of CD68-positive
macrophages in human tissue slices after Csf1Ri-treatment (n= 5 slices/3 hearts) compared to vehicle
control (n= 5 slices/3 hearts). Data represent the mean number of macrophages per field of view (10
FOVs/slice). Statistical significance was determined using the Mann-Whitney-U test.

4.2.2 Reduction of systolic force amplitude in macrophage-depleted human
tissue slices

To investigate the effect of macrophage depletion in human HFrEF myocardium,
cardiac tissue slices were long-term cultured in vitro and treated with the Csf1Ri PLX-
5622 for 10 days. During Csf1Ri-treatment, contractility was assessed daily (Figure
13). All measured values were normalized to their respective baseline measurements

obtained prior to macrophage depletion and normalized to paired vehicle control.

Contractile function analysis of human HFrEF myocardium demonstrated a significant
decrease in systolic force in macrophage-depleted tissue slices (n= 34 slices/8 hearts)
compared to vehicle control (n= 35 slices/8 hearts), with reductions of 40.0 £ 6.09% on
day five and 35.04 + 6.94% on day 10 of Csf1Ri treatment (Figure 14).
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Figure 13. Original traces of contractile force in human HFrEF tissue slices. Original traces of
contractile force of human HFrEF tissue slices on day 0 and day 10 of Csf1Ri treatment versus control.
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Figure 14. Contractility assessment of human HFrEF tissue slices treated with Csf1Ri. Cardiac
contractility of human HFrEF tissue slices during long-term culturing with Csf1Ri treatment (n= 34
slices/8 hearts) compared to vehicle control (n= 35 slices/8 hearts). Data are represented as mean
systolic force amplitude while error bars display the standard error of the mean (SEM). All measured
values were normalized to their respective baseline measurements obtained prior to macrophage
depletion and to the corresponding vehicle control. Statistical significance was evaluated using 2-way
ANOVA. Not all time points could be obtained for every preparation.
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4.2.3 Altered relaxation and contraction dynamics in macrophage-depleted
human HFrEF tissue

Additional contractile parameters were analyzed to assess the effect of macrophage
depletion in human HFrEF tissue slices. While baseline values, representing the
diastolic tension of the heart, and RT80 values, describing the relaxation time at 80%,
did not change between both groups (Figure 15-16), time to peak (TTP) values were
significantly increased in macrophage-depleted tissue slices (n= 35 slices/8 hearts) on
day one (42.4 £ 12.6%) and three (28.8 £ 13.3%) but not on day 10, making the relation
to macrophage depletion less clear (Figure 17). Time to peak was defined as the
interval from the onset of contraction to the maximum twitch amplitude and is

determined by Ca?*-induced Ca?* release.

o 1.5- = Ctrl
£ B CsfiRi
O

©

8 1.0+

©

@

N

= 0.5

z

o

Z 0.0-

Figure 15. Diastolic tension of human HFrEF slices treated with Csf1Ri. Diastolic tension of tissue
slices during long-term culturing with Csf1Ri treatment (n= 34 slices/8 hearts) compared to vehicle
control (n= 35 slices/8 hearts). Data are represented as mean systolic force amplitude while error bars
display the standard error of the mean (SEM). All measured values were normalized to their respective
baseline measurements obtained prior to macrophage depletion and to the corresponding vehicle
control. Statistical significance was evaluated using 2-way ANOVA. Not all time points could be obtained
for every preparation.
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Figure 16. RT80 in human HFrEF tissue slices treated with Csf1Ri. Relaxation time at 80% (RT80)
of tissue slices during long-term culturing with Csf1Ri treatment (n= 34 slices/8 hearts) compared to
vehicle control (n= 35 slices/8 hearts). Data are represented as mean systolic force amplitude while
error bars display the standard error of the mean (SEM). All measured values were normalized to their
respective baseline measurements obtained prior to macrophage depletion and to the corresponding
vehicle control. Statistical significance was evaluated using 2-way ANOVA. Not all time points could be
obtained for every preparation.
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Figure 17. TTP in human HFrEF tissue slices treated with Csf1Ri. Time to peak (TTP) values of
tissue slices during long-term culturing with Csf1Ri treatment (n= 34 slices/8 hearts) compared to vehicle
control (n= 35 slices/8 hearts). Data are represented as mean systolic force amplitude while error bars
display the standard error of the mean (SEM). All measured values were normalized to their respective
baseline measurements obtained prior to macrophage depletion and to the corresponding vehicle
control. Statistical significance was evaluated using 2-way ANOVA. Not all time points could be obtained
for every preparation.
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4.2.4 Force—frequency relationship after Csf1Ri treatment in human HFrEF
tissue

The force-frequency relationship reflects the intrinsic ability of the heart to enhance
myocardial contractility and isometric force in response to increasing heart rates.
However, in failing hearts, this positive force-frequency response, characterized by

frequency-dependent potentiation of contractile force, is absent [32].

To experimentally investigate if macrophage depletion in human HFrEF tissue slices
leads to different force-frequency properties compared to vehicle control slices, a
force-frequency-stimulation protocol was applied on day 0, 5 and 10 . While all human
HFrEF tissue slices displayed the typical negative force-frequency relationship
observed in failing hearts, no differences could be observed between Csf1Ri-treated

slices (n= 21 slices/8 hearts) and vehicle control (n= 18 slices/8 hearts) (Figure 19).

Control Csf1Ri
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Figure 18. Original traces of FFR measurements in human HFrEF tissue slices. Original traces of
human HFrEF tissue slices stimulated with increasing frequencies (0.5 Hz, 1 Hz and 2 Hz) on day 10 of
Csf1Ri treatment.
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Figure 19. Force-frequency-relationship in Csf1Ri-treated human HFrEF tissue slices. Cardiac
contractility of human HFrEF tissue slices during long-term culturing at stimulation frequencies of 0.5
Hz, 1 Hz and 2 Hz on (a) day 0 and (b) day 10 of Csf1Ri treatment (n= 21 slices/8 hearts) compared to
vehicle control (n= 18 slices/8 hearts). Data are represented as mean systolic force amplitude while
error bars display the standard error of the mean (SEM). Statistical significance was evaluated using 2-
way ANOVA. Not all time points could be obtained for every preparation.

4.2.5 Impaired post-rest potentiation indicates reduced SR Ca?* content after
Csf1Ri treatment

Post-rest potentiation provides an indirect assessment of the SR capacity for Ca?*
storage and release, thereby reflecting the contractile properties of human
myocardium. In healthy hearts, a rest period is followed by an enhanced force of
contraction, while damaged hearts show impaired SR Ca?* handling properties with

disturbed post-rest responses and attenuated contractile force.

To investigate if macrophage depletion in human HFrEF tissue slices leads to different
post-rest-potentiation properties compared to vehicle control slices, a post-rest-
potentiation protocol was applied (Figure 20, original traces). To quantify the post-rest
potentiation, the ratio of amplitudes of the first twitch after a 10- and 30-second rest
interval to the last twitch before the rest interval was assessed. PRP after a 10-second

stimulation pause as well as after a 30-second pause showed a diminished ratio of
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amplitudes in macrophage-depleted human HFrEF tissue slices (n= 23 slices/8 hearts)
at both day 5 (10 seconds: 10.6 + 3.3%; 30 seconds: 22.2 £ 5.8%) and day 10 (10
seconds: 8.1 £ 2.2%; 30 seconds: 16.9 + 4.2%) compared to vehicle control (n= 24
slices/8 hearts), suggesting diminished SR Ca?* content in macrophage-depleted

myocardium (Figure 21).
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Figure 20. Original traces of PRP measurements in human HFrEF tissue slices. Original traces of
human HFrEF tissue slices at 10- and 30-second post-rest conditions on day 10 of Csf1Ri treatment.
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Figure 21. Post-rest potentiation in Csf1Ri-treated human HFrEF tissue slices. Cardiac contractility
measured under PRP conditions with a (a) 10- and (b) 30-second stimulation pause on day 0, 5 and 10
of Csf1Ri treatment (n= 23 slices/8 hearts) compared to vehicle control (n= 24 slices/8 hearts). Data
represent ratios of force amplitudes while error bars display the standard error of the mean (SEM).
Statistical significance was evaluated using 2-way ANOVA. Not all time points could be obtained for
every preparation.
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4.2.6 Macrophage depletion leads to altered intracellular Ca?* -cycling in
isolated human cardiomyocytes

Impaired contractile function is often driven by dysfunctional Ca?* handling within
cardiomyocytes. Since diminished systolic force amplitude could be observed in
Csf1Ri-treated human HFrEF tissue slices, dysfunctional Ca?* handling could be an

underlying cause for the observed contractile dysfunction.

To assess, if Ca?* handling was altered due to macrophage depletion, human HFrEF
tissue slices were isolated after 5 days of Csf1Ri treatment and consequently analyzed
via epifluorescence microscopy (Figure 22, original traces). Of note, after 5 days of
macrophage depletion impaired contractility was already present. Isolated cells of
Csf1Ri-treated tissue slices (n= 74 cells/5 hearts; 0.053 + 0.005 Fz40/380) showed a
significant reduction in Ca?* transient amplitude compared to vehicle control (n= 58
cells/5 hearts; 0.091 £ 0.01 Fs401380) (Figure 23a). Other parameters, such as diastolic
Ca?*, time to peak at 80% (TTP80) and relaxation time at 80% (RT80) remained
unchanged (Figure 23b-d).
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Figure 22. Original traces of intracellular Ca?* measurements in isolated human HFrEF tissue
slices. Long-term cultured HFrEF human tissue slices treated with or without Csf1Ri were isolated and
consequently measured via epifluorescence microscopy (60 bpm, 20 V, 2 ms). Original traces of (a)
control versus (b) Csf1Ri-treated group.
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Figure 23. Ca?* homeostasis in CsfiRi-treated human HFrEF tissue slices. Epifluorescence
measurements of isolated cells from long-term cultured human HFrEF tissue slices treated with Csf1Ri
(n= 74 cells/5 hearts) compared to vehicle control (n= 58 cells/5 hearts). (a) CaZ*-transient amplitude,
(b) diastolic Ca?*, (c) relaxation time at 80% (RT80) and (d) time to peak at 80% (TTP80) of both groups
were assessed. Error bars display the standard error of the mean (SEM). Statistical significance was
evaluated using the Mann-Whitney U test.

As PRP indicated SR Ca?* content after macrophage depletion and Ca?* transient
amplitude was reduced in macrophage-depleted HFrEF myocardium, assessments of
SR Ca?* were conducted. To do so, caffeine-induced Ca?* release was evaluated after
caffeine application in macrophage-depleted human HFrEF tissue slices compared to
vehicle controls (Figure 24, original traces). Macrophage depletion showed
significantly reduced SR Ca?* content (n=35 cells/4 hearts; 0.472 + 0.061 F340/380)
compared to vehicle control (n=30 cells/4 hearts; 0.640 + 0.043 F340/380) (Figure 25a).

The ratio of basal transient amplitudes to caffeine transient amplitudes also showed a
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significant reduction in macrophage-depleted tissue slices (n=35 cells/4 hearts; 0.360
t+ 0.054 Fsa0i380) compared to vehicle control (n=30 cells/4 hearts; 0.502 + 0.051
F3401380) (Figure 25b).
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Figure 24. Original traces of caffeine-induced Ca?* transients in isolated human HFrEF tissue
slices. Caffeine-induced Ca?* transient amplitudes (10 mM caffeine, epifluorescence measurements
with Fura-2) from (a) vehicle control and (b) Csf1Ri-treated isolated human tissue slices on day 5 of
Csf1Ri treatment.
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Figure 25. Caffeine-induced Ca?* transients in CsfiRi-treated human HFrEF tissue slices.
Caffeine-induced Ca?* transients (10 mM caffeine, Fura-2 epifluorescence microscopy) in Csf1Ri-
treated human HFrEF tissue slices (n=35 cells/4 hearts) versus vehicle control (n=30 cells/4 hearts)
after 5 days. Mean values of (a) caffeine transient amplitude (an indicator of SR Ca?* load) and (b) peak
high (ratio of basal transient amplitude and caffeine transient amplitude). Error bars display the standard
error of the mean (SEM). Statistical significance was evaluated using two-sided unpaired t-tests.
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4.3 Macrophage loss increases cardiomyocyte apoptosis and oxidative
stress in macrophage-depleted human tissue

To further investigate the mechanisms underlying the observed contractile dysfunction,
apoptosis and oxidative stress were analyzed, as both directly impact myocardial

function and contractility.

Apoptosis was assessed using a caspase-3 activity assay, which revealed a significant
increase of 38.2 + 16.7% in total apoptotic cells in macrophage-depleted tissue slices

(n=9 slices/6 hearts) compared to vehicle control (n= 10 slices/6 hearts) (Figure 26).
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Figure 26. Apoptosis in macrophage-depleted human HFrEF tissue slices. Measurement of
caspase-3 enzymatic activity as an indicator of apoptosis in cultured human HFrEF tissue slices treated
with Csf1Ri (n= 9 slices/6 hearts) compared with vehicle controls (n= 10 slices/6 hearts) on day 10. Data
are shown as mean * SEM, with individual data points representing single tissue slices. Statistical
significance was assessed by two-sided unpaired t-tests.

To specifically determine cardiomyocyte apoptosis, TUNEL staining was subsequently
performed. Cardiomyocyte structure was simultaneously captured in bright-field mode
to enable distinction of cardiomyocyte nuclei from other cell nuclei present (Figure 27).
Hereby, a 2.4-fold increase in TUNEL™ cardiomyocytes was detected in Csf1Ri-treated
human tissue slices (5 slices/4 hearts) compared to vehicle control (5 slices/4 hearts)
(Figure 28).
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Figure 27. TUNEL staining in human HFrEF tissue slices. Representative TUNEL staining images
of macrophage-depleted human HFrEF tissue slices and vehicle control on day 10. Tissues were treated
with vehicle (Control, left) or a CSF1R inhibitor (Csf1Ri, right). Nuclei are stained in blue while TUNEL*
cells are shown in green. Scale bar, 20 ym.
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Figure 28. Apoptotic cardiomyocytes in human HFrEF tissue slices. Quantification of TUNEL-
positive cardiomyocytes as an indicator of apoptosis in human HFrEF tissue slices treated with Csf1Ri
(n= 5 slices/4 hearts) compared to vehicle control (n = 5 slices/4 hearts). For each slice, 10 FOVs were
analyzed in the central region, with transmitted light used to distinguish cardiomyocyte nuclei from other
cell types. Data are shown as mean + SEM, with individual data points representing single tissue slices.
Statistical significance was assessed using the Mann-Whitney U test.

Considering the increase in cardiomyocyte apoptosis in macrophage-depleted HFrEF
tissue, oxidative stress was evaluated as a potential driver of cell death and contractile
dysfunction. H,O, levels in culture supernatants extracted on day 10 of culturing were

evaluated with an AmplexRed Assay. Human HFrEF tissue slices treated with Csf1Ri
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(n= 20 slices/10 hearts) showed significantly elevated H,O, concentrations of 28.7 +

12.8% compared to vehicle control (n= 21 slices/10 hearts) (Figure 29).
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Figure 29. H202 concentrations in human HFrEF heart tissue slices. H,O, levels in culture
supernatants extracted on day 10 in Csf1Ri-treated human HFrEF tissue slices (n= 20 slices/10 hearts)
compared to vehicle control (n= 21 slices/10 hearts). Data are shown as mean + SEM, with individual
data points representing single tissue slices. Statistical significance was assessed by two-sided
unpaired t-tests.

4.4 Mitochondrial dysfunction in macrophage-depleted human tissue
slices

4.41 Macrophage depletion leads to reduced bioenergetic capacity

Given their essential role in cardiomyocyte health, mitochondria were investigated as
potential drivers of the observed contractile dysfunction, as well as contributors to
apoptosis and excessive ROS production in macrophage-depleted human HFrEF

tissue slices.

To evaluate mitochondrial respiratory function, high-resolution respirometry
(Oroboros-O2k technology) was performed using substrate-inhibitor titration protocols
to analyze respiratory chain complexes and oxidative phosphorylation (OXPHOS)

capacity (Figure 30, original traces).
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Figure 30. Original traces of OXPHOS measurements. Original OXPHOS traces of human HFrEF
tissue slices treated with Csf1Ri compared to vehicle control are shown. The recorded respiratory states
included: complex-I-linked oxidative phosphorylation capacity (Cl OXPHOS; supported by malate (M),
pyruvate (P), ADP and glutamate (G)), combined complex I+1l oxidative phosphorylation capacity (Cl+II
OXPHOS; after addition of succinate (S)), maximal electron transport system capacity (ETS; following
uncoupling with FCCP) and complex lI-driven respiration (Cll uncoupled (unc.), following inhibition of ClI
with rotenone (R)). Residual oxygen consumption (ROX) was determined after CllI inhibition with
myxothiazol (myxo) and consequently subtracted from all respiratory parameters.

Macrophage-depleted human HFrEF tissue slices revealed impaired mitochondrial
respiration, reflected in a 50.5 + 22.5% decrease in complex I-driven oxidative
phosphorylation (CI OXPHOS, Figure 31a) and a 43.9 £ 14.8% decrease in maximum
oxidative phosphorylation capacity (Cl+ll OXPHOS, Figure 31b). Furthermore, even
after uncoupling, reduced maximal respiratory activity remained detectable (49.2 +
19.1% decrease), demonstrating a dysfunction of the entire electron transport system
(ETS, Figure 31c). While maximum complex ll-driven capacity (Cll unc.) was only
reduced by trend, it still showed a decrease of 46.9 + 24.7% (Figure 31d).
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Figure 31. OXPHOS measurements in human HFrEF tissue slices. Mitochondrial respiration of
Csf1Ri-treated human HFrEF tissue slices (a: Complex I-driven oxidative phosphorylation; b: maximum
oxidative phosphorylation capacity; c: electron transport system; d: maximum complex lI-driven capacity:
n= 8 slices/5 hearts) versus vehicle control (Complex |-driven oxidative phosphorylation, maximum
oxidative phosphorylation capacity: n= 8 slices/5 hearts; maximum complex Il-driven capacity, electron
transport system: n= 7 slices/5 hearts) using high-resolution respirometry. Respiration rates were
normalized to tissue wet weight. Data are shown as mean + SEM, with individual data points
representing single tissue slices. Statistical significance was assessed using the Mann-Whitney U test.

4.4.2 Macrophage depletion leads to decreased complex IV activity in human
tissue slices

Assessing complex IV in OXPHOS measurements is challenging, since its activity is
not rate-limiting under physiological conditions and requires artificial substrates, which
introduce background artefacts that reduce measurement precision [156]. Therefore,

an isolated complex IV activity assay from lysed human HFrEF tissue slices after 10
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days of Csf1Ri-treatment, was performed. Hereby, a significant decrease of 19.4 +
8.6% in mitochondrial complex-IV-activity of macrophage-depleted human tissue slices
(9 slices/4 hearts) compared to vehicle control (9 slices/4 hearts) could be observed
(Figure 32).
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Figure 32. Complex IV activity in human HFrEF tissue slices. Mitochondrial complex IV enzyme
activity in human HFrEF tissue slices treated with Csf1Ri (n= 9slices/4 hearts) compared to vehicle
control (n= 9 slices/4 hearts). Data are shown as mean + SEM, with individual data points representing
single tissue slices. Statistical significance was assessed using two-sided unpaired t-tests.

4.4.3 TEM reveals increased mitochondrial size and morphological
abnormalities

As OXPHOS measurements revealed mitochondrial dysfunction, ultrastructural
analysis of human HFrEF tissue slices with and without Csf1Ri-treatment were
performed on day 10 using transmission electron microscopy (TEM) (Figure 33). While
no differences in total mitochondrial count could be detected between both groups
(Figure 34a) mitochondrial size was significantly enlarged by 37.1 + 5.8% in
macrophage-depleted tissue slices (Figure 34b). Furthermore, 4-fold increase in the
proportion of dysfunctional mitochondria was observed, characterized by abnormal
morphology including hydropic swelling, lamellar membrane structures and loss of
mitochondrial membrane integrity (Figure 34c).
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Figure 33. Ultrastructural analysis of mitochondria in human HFrEF tissue slices. Representative
TEM images of human HFrEF tissue slices on day 10. Tissues were treated with vehicle (Control, left)

or a CSF1R inhibitor (Csf1Ri, right). Scale bar, 1 ym.
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Figure 34. Mitochondrial count and morphology in human HFrEF tissue slices. (a) Mitochondrial
count/FOV, (b) mean mitochondrial area (um?) and (c) percent of defective mitochondria were assessed
in Csf1Ri-treated human HFrEF tissue slices (=83 FOV/3 hearts) versus vehicle control (n=83 FOV/3
hearts). Statistical significance was evaluated using two-sided unpaired t-tests (a,b) and Fisher’s exact
test (c).
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4.4.4 Macrophage depletion leads to reduced cristae density and matrix
electron density

Mitochondrial integrity and functional capacity are largely defined by cristae structure
and matrix electron density of individual mitochondria. High cristae density and a dense
mitochondrial matrix are thereby morphological hallmarks of well-preserved
mitochondrial integrity and functional capacity [157, 158]. Morphometric analysis via
TEM revealed a significant reduction of 34.6 + 4.4% in cristae density in macrophage-
depleted tissue slices (n= 82 mitochondria/3hearts, 10 FOVs per slice) compared to
vehicle control (n= 74 mitochondria/3 hearts, 10 FOVs per slice) (Figure 36a), along
with a significant decrease of 12.1 £ 2.3% in mitochondrial matrix electron density,

(CsfiRi: n= 45 mitochondria; Ctrl: n= 45 mitochondria; Figure 36b) reflecting

compromised mitochondrial integrity.

Figure 35. Ultrastructural analysis of cristae density in human HFrEF tissue slices via TEM.
Representative TEM image of human HFrEF tissue slices on day 10 of Csf1Ri treatment. Tissue slices
were treated with vehicle (Control, left) or a CSF1R inhibitor (Csf1Ri, right). Scale bar, 0.5 pym.
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Figure 36. Mitochondrial cristae density and electron density in human HFrEF tissue slices. (a)
Percentage of cristae area per mitochondrial area (%) was quantified in human HFrEF tissue slices
treated with (n= 82 mitochondria/3hearts, 10 FOVs per slice) and without (n= 74 mitochondria/3 hearts,
10 FOVs per slice) Csf1Ri on day 10. (b) Relative electron density in human HFrEF tissue slices treated
with Csf1Ri (n= 45 mitochondria) compared to vehicle control (n= 45 mitochondria) was calculated as
the inverted grey value (255- mean grey value) and normalized to a reference greyscale to correct for
differences in image brightness. Each data point represents a single mitochondrion. Statistical
significance was evaluated using two-sided unpaired t-tests.

4.5 Csf1Ri treatment in human iPSC-CM does not show differences in
OXPHOS capacity

To assess potential off-target effects of the Csf1Ri PLX-5662 on cardiomyocytes,
induced pluripotent stem cell derived cardiomyocytes (iPSC-CM) were used. This
approach served to verify that the effects of Csf1Ri on cardiomyocyte apoptosis and
mitochondrial dysfunction were not caused by direct effects of the compound on
cardiomyocytes. Since iPSC-CM cultures do not contain macrophages, they represent
a suitable model in which no effects would be expected if the compound acts solely via
macrophage inhibition. Moreover, iPSC-CM are a human model and are suitable for
the long treatment period with Csf1Ri according to the treatment of the human

myocardial slices.
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Control Csf1Ri

Figure 37. Morphological analysis of the effect of Csf1Ri PLX-5622 on human iPSC-CM. Human
iPSC-CM were cultured and treated with a Csf1Ri for 10 days. After treatment, a morphological analysis
was conducted via light microscope. Vehicle control is displayed on the left, while Csf1Ri-treated iPSC-
CM are displayed on the right.

Morphological analysis of iPSC-CM cultured with or without Csf1Ri for 10 days showed
comparable structural characteristics with no apparent morphological differences
between both groups (Figure 37). Furthermore, mitochondrial metabolic analysis with
high-resolution respirometry (Oroboros-2k) showed no significant differences in the
bioenergetic capacity of Csf1Ri-treated iPSC-CM compared to controls, as complex |
related oxidative phosphorylation (CI OXPHOS), maximum oxidative phosphorylation
capacity (Cl+II OXPHQOS), electron transfer system (ETS) and Maximum complex II-
driven capacity (Cll unc.) remained unchanged (Figure 38a-d). These findings support
that the Csf1Ri PLX-5622 has no unwanted off-target effects on cardiomyocytes.
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Figure 38. OXPHOS measurements in human iPSC-CM treated with CsfiRi. Mitochondrial
respiration of cultured human iPSC-CM treated with Csf1iRi compared to vehicle control (4
differentiations each) assessed with high-resolution respirometry on day 10. (a) Complex I-driven
oxidative phosphorylation, (b) maximum oxidative phosphorylation capacity (c) electron transport
system and (d) maximum complex ll-driven capacity were evaluated by using a substrate-inhibitor
titration protocol. Respiration rates were normalized to cell number. Data are represented as mean +
SEM with each data point representing one iIPSC-CM differentiation (approximately 300 000
cells/group). Statistical analysis was performed using the Mann-Whitney U test.
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5 Discussion

HFrEF is a severe disorder defined by impaired contractility and reduced stroke
volume, ultimately compromising cardiac output [40, 159]. Despite current treatment
strategies, many patients still experience disease progression, resulting in HFrEF
being a major global health burden [43, 160]. In recent years, it became clear that
inflammation and immune cells contribute to HFrEF pathophysiology. This realization
has gained increasing attention and raised the prospect of immunomodulatory
strategies as novel therapeutic approaches [44-46, 161]. However, animal studies
have demonstrated essential homeostatic roles for cardiac macrophages, whereas

their functions in the human heart have remained far less well defined [86, 101, 120].

This thesis for the first time evaluated the causal role of cardiac macrophages in living
human HFrEF myocardium. Depletion of cardiac macrophages in cultivated human
HFrEF tissue slices led to contractile dysfunction and increased apoptosis, which was

associated with structural and functional mitochondrial dysfunction.

5.1 Experimental set-up and its implication

Despite the increasing interest in immunomodulatory strategies, direct experimental
manipulation of immune cells in living human tissue has not been possible yet. In this
context, the system of long-term culturing of human heart tissue used in this thesis
introduces a novel approach that, for the first time, enables the investigation of long-
term interventions targeting cardiac macrophages in living, beating human myocardial
tissue. This set-up facilitates translational research investigating the role of immune
cells in HFrEF.

Cardiac macrophages comprise distinct subsets that differ in both function and
developmental origin. While resident macrophages contribute to cardiac homeostasis,
including roles in electrical conduction and tissue repair, non-resident, recruited
macrophages are mainly linked to inflammatory responses, fibrosis and maladaptive
remodeling processes that exacerbate conditions like HF [94-96]. Although
macrophage functions vary substantially between subsets, a depletion strategy was

used in cultured human HFrEF tissue slices that targets resident and recruited

-84 -



Discussion

macrophage subsets [162]. Importantly, macrophage populations in chronic HF
become increasingly dynamic and exhibit substantial phenotypic convergence, thereby
limiting the feasibility of selective pharmacological targeting of resident versus
recruited macrophages [121]. Additionally, recent transcriptomic data indicates an
even greater variety of cardiac macrophage subsets than previously assumed [163].
Further research should aim to define the subset-specific functions of cardiac
macrophages in human HFrEF, given that preclinical studies in animals have
demonstrated divergent and even opposing effects on disease progression [79, 113,
121].

While the employed model of macrophage depletion in long-term cultured human
HFrEF tissue slices represents a major step toward improved translational relevance,
certain limitations must be considered. Although cultured tissue slices are maintained
under electrical stimulation, the absence of perfusion precludes immune cell
recruitment in this model. Nevertheless, human tissue culturing offers an exceptional
platform for translational studies to investigate cellular and molecular mechanisms in
living, beating human heart tissue under near-physiological conditions, making it

superior to animal studies that have been used so far.

5.2 Cardiac macrophages as regulators of myocardial function

5.2.1 Contractile impairment due to macrophage depletion

Contractile impairment represents a hallmark of heart failure pathophysiology [40, 41].
Consequently, maintaining contractile function is a key therapeutic objective to ensure

adequate cardiac output to meet the metabolic demands of the body.

In this work, a substantial impairment of systolic force after Csf1Ri treatment could be
observed, demonstrating that macrophage depletion reduces contractile performance
in human HFrEF tissue. This underlines the active role of cardiac macrophages in the
regulation of myocardial function, also highlighting their protective and homeostatic
capacity. These findings thereby contribute to a better understanding of the
physiological functions of cardiac macrophages in human hearts, especially in the

context of HFrEF. The beneficial role of cardiac macrophages is further supported by
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various animal studies, which reported compromised LV function, reduced cardiac
output and increased arrhythmic events both after selective depletion of cardiac
resident macrophages and after broad macrophage depletion in mice [95, 99, 101,
120].

Force-frequency relationship was examined as an intrinsic regulatory mechanism of
myocardial contractility. While results showed no significant differences between both
experimental groups, a negative force-frequency relationship could be observed in
human HFrEF tissue slices. This altered force-frequency behavior has been previously
described in failing hearts and is evident both under in vitro conditions as well as in

clinical settings [28].

Intracellular Ca?* dynamics play a central role in determining cardiac contractility.
Alterations in post-rest isometric force provide an indirect measure of SR Ca?*
handling, reflecting potential impairments in Ca?* reuptake and subsequent release
[36]. In macrophage depleted human HFrEF tissue slices, PRP measurements
suggested a reduction in SR Ca?* content, which may contribute to the observed
impairment in contractility. Altogether, these results indicate that cardiac macrophages
are important for the preservation of proper contractile function in the failing human
heart.

5.2.2 Ca?* handling defects after cardiac macrophage depletion

Cardiac contractility directly correlates with the amount of cytoplasmic Ca?*
concentration during EC coupling. Disturbances of the Ca?* homeostasis thereby
reduce cytosolic Ca?* transients and consequently impair contractile force [8, 10, 164,
165].

As PRP measurements conducted in this thesis hinted at altered Ca?* handling as a
potential underlying cause of impaired contractile performance, further experiments to
examine intracellular Ca2* were conducted. Epifluorescence measurements in isolated
human HFrEF tissue slices thereby revealed a significant reduction in Ca?* transient
amplitudes in Csf1Ri treated tissue, highlighting a potential link between Ca?*
homeostasis and cardiac macrophages that has not yet been investigated in human
heart tissue. Moreover, existing animal studies have predominantly focused on the
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adverse effect of recruited macrophages on cardiomyocyte Ca?* homeostasis through
cytokine secretion (e.g. TNF a), including inhibition of LTCCs and Ca?*-ATPase and
downregulation of Ca?* channel expressions, collectively impairing intracellular Ca?*
handling [166-168]. Notably, one study utilizing co-cultivation of different macrophages
and cardiomyocyte cell lines demonstrated that anti-inflammatory macrophages
significantly enhanced cardiomyocyte Ca?* fractional release, whereas pro-
inflammatory macrophages also induced detrimental changes in SR Ca?* stores [169].
While this finding along with the observed reduction in Ca?* transient amplitudes in
macrophage-depleted tissue in this thesis point toward a role for macrophages in

modulating Ca?* homeostasis, the underlying molecular mechanisms remain unclear.

One potential factor underlying changes in Ca?* homeostasis after macrophage
depletion refers to oxidative stress. Independent mechanisms, such as oxidation of
CaMKII at the regulatory domain residues Met281/282, can result in enhanced kinase
activation. This oxidative modification is often mediated by ROS, which are commonly
elevated under conditions of cellular stress [170]. In this work, increased ROS could
also be observed in CsfiRi treated human HFrEF tissue slices, suggesting a
macrophage-dependent modulation of redox homeostasis that may contribute to

impaired Ca?* handling.

As Ca?* release from the SR via RyR2 during EC coupling largely determines the Ca?*
transient amplitude, alterations in SR Ca?* content, also observed in macrophage-
depleted human HFrEF tissue slices in this study, can strongly affect Ca?* homeostasis
and hence contractility [171]. A reduced SR Ca?* content hereby may be attributed to

stress kinases such as CaMKII [172].

Increased CaMKIIl activation driven by elevated ROS levels as well as elevated
cytokine secretion due to enhanced macrophage-recruitment, both leading to impaired
Ca?* homeostasis and contractility, is a well-described feature of HF [170, 172].
However, macrophage-depleted human HFrEF tissue slices exhibited a more
pronounced impairment of contractility and SR function compared to vehicle HFrEF
tissue slices, suggesting that macrophage loss might even exacerbate these
processes. Importantly, these findings represent the first indication that cardiac
macrophages may play a direct role in regulating Ca?* handling, highlighting a novel
mechanism potentially relevant for human HFrEF pathophysiology.
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5.2.3 Apoptosis and ROS after cardiac macrophage depletion

Given the close association between oxidative stress, Ca?* dysregulation and cell
death, apoptotic pathways and ROS production were analyzed to further clarify
mechanisms underlying the observed contractile impairment in macrophage-depleted
human HFrEF tissue slices [173, 174]. Accordingly, increased apoptosis of overall cells
as well as specifically in cardiomyocytes could be observed in the macrophage-
depleted group. Apoptosis is a key feature of HF pathophysiology, and thus apoptotic
cells were anticipated in examined human HFrEF tissue slices [175, 176].
Nevertheless, the pronounced increase in apoptosis following Csf1Ri treatment
suggests a protective role of cardiac macrophages and their absence may aggravate
cell death, consequently leading to HF progression. This is supported by several
animal studies demonstrating that depletion of cardiac macrophages led to accelerated
cardiomyocyte death along with higher expression of Bcl-family genes associated with

apoptosis which consequently led to higher mortality [113, 120, 177].

Alongside increased apoptosis, elevated levels of hydrogen peroxide, a strong reactive
ROS molecule, could be observed in Csf1Ri treated human HFrEF tissue slices. These
findings are consistent with previous mouse studies showing that depletion of cardiac
macrophages leads to heightened ROS production and increased cardiomyocyte
death [101, 120]. ROS-induced apoptosis could therefore represent another
contributing factor to the contractile loss observed in macrophage-depleted human

HFrEF tissue slices.

The parallel increase in ROS and apoptosis shows the strong interdependence
between both processes. While under physiological conditions, ROS act as signaling
molecules that regulate important processes such as cell growth, proliferation and
differentiation, an excessive ROS production leads to death in cardiac cells [178, 179].
This happens primarily due to their direct oxidizing effects on macromolecules like
lipids, proteins and DNA, leading to changes in molecular pathways that promote
apoptotic pathways [180]. Several lines of evidence hereby indicate a close
relationship between p53 and oxidative stress, whereas ROS activate p53, which in

turn promotes apoptosis through transcriptional upregulation of the pro-apoptotic gene
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Bax [181, 182]. While elevated ROS levels drive apoptosis, apoptotic processes
themselves can further enhance ROS production, creating a vicious self-reinforcing

cycle.

5.3 Mitochondrial dysfunction and energetic failure in macrophage-
depleted HFrEF myocardium

The heart’s function largely relies on proper performance of cardiomyocytes, cells with
limited regenerative potential and extraordinary energetic demands [47]. Mitochondria
play a central role in this context, as they are the primary source of ATP and key
regulators of metabolic signaling and cell survival [51]. Therefore, their integrity is

critical for maintaining cardiomyocyte health and function.

Based on the observed increase in ROS, mitochondrial function was investigated as
mitochondria are a main source of ROS in cardiomyocytes [69, 183]. Mitochondrial
dysfunction could be observed in macrophage-depleted human HFrEF tissue slices,
evident through compromised oxidative phosphorylation capacity and pronounced
structural abnormalities. Given that TEM analysis revealed unchanged mitochondrial
abundance but increased structural defects, the observed reduction in OXPHOS and
ETS capacity likely reflects a qualitative rather than a quantitative mitochondrial
impairment, with all respiratory chain complexes similarly affected [184]. Accordingly,
the overall decline in respiratory activity likely results from the increased prevalence of
structurally and functionally impaired mitochondria. Similar results were observed in an
animal study where depletion of cardiac resident macrophages in adult mice via the
diphtheria toxin receptor (CD169°™R) induced mitochondrial abnormalities, including
enlarged mitochondria with reduced cristae density. Proteomic analyses further
revealed pronounced alterations in mitochondrial proteins, particularly those involved
in bioenergetic pathways [101]. A similar phenotype was reported in a study
investigating the consequences of depleting either recruited macrophages (Ccr2-/-
mice) or all macrophage subsets via Csf1R inhibition in a hypokalemic mouse model
following myocardial infarction. In both conditions, macrophage loss resulted in
dysmorphic mitochondria with reduced cristae density, while functional measurements

revealed diminished activity of mitochondrial respiratory chain enzymes CIl and CIV,
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along with a reduced mitochondrial membrane potential, indicating impaired energy

production [120].

Dysfunctional mitochondria are known to generate elevated levels of ROS, which can
compromise cellular integrity and directly trigger apoptotic signaling [117, 185]. In line
with this notion, macrophage-depleted human HFrEF tissue slices showed increased
hydrogen peroxide levels and elevated apoptosis, suggesting that mitochondrial
disturbances not only impair cardiomyocyte energetics but also aggravate dysfunction
due to ROS-induced apoptosis. Although mitochondrial dysfunction is often a
consequence of cardiomyocyte apoptosis, TEM analysis identified non-apoptotic
cardiomyocytes containing dysfunctional mitochondria, indicating that mitochondrial

impairment can precede and potentially contribute to the initiation of cell death.

While dysfunctional mitochondria may be an underlying factor to the observed
contractile dysfunction due to elevated ROS levels and increased apoptosis, they
further play an important part in Ca?* homeostasis. Several studies demonstrate that
mitochondria in cardiomyocytes are tightly integrated into cellular Ca?* signaling, as
live-cell and in vivo imaging with optical probes have shown that they can take up
cytosolic Ca?* and are capable of buffering substantial amounts. They thereby not only
shape cytosolic Ca?* transients but also adjust metabolic output to meet contractile
demands, modulating contractile activity [186-188]. Disruptions of mitochondrial
integrity and function may thereby also alter Ca?* homeostasis in cardiomyocytes,

further worsening the contractile output.

Mitochondrial dysfunction is a hallmark of HF and accumulating evidence underscores
the critical role of cardiac macrophages in preserving mitochondrial homeostasis, a
function critically dependent on proper mitochondrial quality control [99, 100, 111, 189].
Cardiac macrophages were just recently recognized as key players in mitochondrial
quality control in the heart, with dysfunctional mitochondria in cardiomyocytes being
expelled into the extracellular space via subcellular vesicles (namely exophers) and
consequently degraded by surrounding cardiac macrophages through phagocytosis
mediated by the receptor Mertk [101, 117]. In chimeric mice generated by bone marrow
transplantation, fluorescently labeled material was shown to transfer from

cardiomyocytes into macrophages, while in vitro imaging confirmed the uptake of
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exopher-like particles by purified cardiac macrophages. This process was found to
account for more than half of degraded mitochondria in cardiomyocytes [101]. A
depletion of cardiac macrophages in mice either via the diphtheria toxin receptor
(CD169P™R) or a Csf1R inhibitor resulted in accumulation of dysfunctional mitochondria
within the extracellular space, which triggered inflammasome activation and autophagy
blockade, ultimately compromising mitochondrial integrity, tissue homeostasis and
cardiac function [101, 120].

Consistent with the observed effects of Csf1R inhibition in cultured human heart tissue,
it could be demonstrated for the first time that cardiac macrophages are essential for
maintaining cardiac homeostasis in HFrEF. Beyond their traditional role in immune
surveillance, they also act as critical regulators of myocardial homeostasis. Given that
mitochondrial function is already impaired in HF, the quality control mechanism

described may be particularly critical for preserving mitochondrial function in HFrEF.

5.4 Implications for cardiac immunomodulation and clinical relevance

Despite available therapies, HF progression remains common, underscoring its
substantial global health burden while highlighting the need for novel treatment
strategies [160]. Recently, cardio-immunotherapies are gaining increasing attention as
the critical roles of immune cells, especially cardiac macrophages, in heart disease
become better understood. Particularly in HF, modulating immune-cardiomyocyte
interactions could represent a promising new therapeutic approach to enhance
myocardial function, as cardiac macrophages maintain cardiomyocyte homeostasis,
whereas dysregulated immune activity contributes to chronic inflammation, impaired
contractility and cardiomyocyte death [94, 101]. However, translational progress is
limited by the current inability of testing macrophage interventions in living human heart

tissue.

With the established system in this thesis, long-term culture of human heart tissue was
feasible, enabling macrophage-targeting intervention. Under homeostatic conditions,
the heart contains a heterogeneous population of cardiac macrophages, with resident

CCR2- supporting tissue homeostasis while CCR2* macrophages exhibit
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predominantly pro-inflammatory features [94-96]. During chronic HF, macrophage
populations become even more dynamic and phenotypically convergent, as resident
macrophages are gradually replaced by recruited CCR2* macrophages [96, 121]. The
abundance of CCR2" macrophages thereby directly correlates with adverse
remodeling in HF patients [94]. In the HFrEF tissue examined in this thesis, overall
macrophage numbers are expected to be increased due to enhanced recruitment, as
reported in HF models [121, 190]. Consequently, recruited CCR2* macrophages are
likely to be predominant, while resident macrophages may be present at lower
numbers [79, 191]. However, depletion of CD68* macrophages without targeting
specific subsets, despite their dichotomous contributions to disease pathogenesis and

progression, showed worsening cardiac contractility in HFrEF tissue.

Interestingly, single-cell transcriptomic studies in mice with HF showed that resident
macrophages are, despite enhanced recruitment of monocyte-derived macrophages,
not completely replaced but a small fraction of 2-5% persists [94-96]. Notably, depletion
of this fraction exacerbated cardiac remodeling and led to impaired heart function,
indicating that even small populations of resident macrophages play an essential role

in cardiac repair [95, 192].

In recent years, several efforts have been made to find therapeutic approaches
targeting macrophage modulation, mainly by focusing on enhancing the presence of
anti-inflammatory macrophages while suppressing pro-inflammatory signaling to
mitigate adverse remodeling [193-195]. Thereby, a new and promising strategy is ex
vivo cell therapy, which offers an alternative to in vivo interventions by overcoming
common delivery obstacles. Through ex vivo reprogramming, macrophages can be
generated in large numbers and tailored toward specific phenotypes, such as
reparative or anti-inflammatory states. These re-educated macrophages have been
shown to reduce fibrosis and prevent adverse remodeling in mice [196]. However,
these approaches have been limited to animal models and have not yet been
translated successfully into clinical application. The heterogeneity and plasticity of
cardiac macrophages further complicate therapeutic targeting, as their phenotype can
shift in response to the (inflammatory) milieu. Consequently, the timing, context and
subset specificity of macrophage-target interventions will be crucial determinants of

therapeutic success.
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Selective pharmacological targeting of subset-specific cardiac macrophages remains
challenging and is currently not feasible in the clinical setting. However, macrophage
depletion leads to detrimental effects, worsening cardiac function. The results of this
thesis highlight both the therapeutic potential as well as the risks of macrophage
modulation. Defining specific roles of macrophage subsets in human HFrEF will be
essential to enable precise and safe immunomodulatory therapies, as animal models
demonstrated divergent effects [79, 113, 121]. Subset-specific targeting strategies for

macrophage modulation should therefore be examined in future studies.
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6 Conclusion

Heart failure with reduced ejection fraction (HFrEF) remains a major global health
burden, with patients often experiencing disease progression despite current treatment
options. Growing evidence highlights the role of inflammation in cardiac diseases,
thereby shifting focus toward immunoregulatory interventions. Given the lack of
experimental models capable of assessing the functional impact of cardiac
macrophages in the human heart, a novel system was established in this thesis,
allowing long-term culturing of human cardiac tissue and targeted macrophage
intervention. This approach enabled direct investigation of macrophage-mediated

mechanisms in human HFrEF.

The depletion of cardiac macrophages in human HFrEF tissue slices resulted in
impaired contractile performance, reflected by reduced systolic force amplitudes,
impaired Ca?* transients and defective SR Ca?* handling. These results provide the
first indication that cardiac macrophages may also have a direct role in the Ca?*
homeostasis of cardiomyocytes. Along with that, increased oxidative stress and
cardiomyocyte apoptosis could be observed in macrophage-depleted HFrEF tissue
slices. Furthermore, mitochondria showed reduced respiratory chain activity across all
complexes and higher proportion of structurally damaged mitochondria at the cellular

level, indicating a pronounced mitochondrial dysfunction.

Collectively, these findings provide the first functional evidence that cardiac
macrophages are essential for maintaining myocardial function in human HFrEF
tissue, most likely due to their homeostatic roles in regulating mitochondrial quality
control and facilitating the clearance of dysfunctional mitochondria to preserve cellular
integrity. By revealing a direct link between immune cell presence and contractile
performance, this work underscores the important role of cardiac macrophages in
sustaining myocardial function, highlighting them as potential therapeutic targets in HF.
However, future therapeutic efforts should focus on strategies that selectively support
or enhance the reparative functions of specific subtypes of cardiac macrophages,
rather than broadly targeting all macrophage populations.
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